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RESPONSES OF BATS TO WHITE-NOSE SYNDROME  
AND IMPLICATIONS FOR CONSERVATION 
by 
Meghan A. Stark 
University of New Hampshire 
 
The appearance and spread of emerging infectious diseases pose a significant threat to wildlife 
populations worldwide having resulted in declines far surpassing those in recorded history. 
White-nose syndrome (WNS), caused by Pseudogymnoascus destructans (Pd), is currently one 
of the most pervasive wildlife diseases, with devastating impacts on several North American bat 
species. Since its initial detection in 2006, Pd has spread rapidly across North America and 
population declines at hibernating sites have been severe; however, mortality rates from WNS 
vary among species. While environmental conditions in hibernacula may be strong predictors of 
disease impacts on individual species, variation in susceptibility that cannot be explained by 
environmental conditions alone suggests that other processes potentially play a role in species 
susceptibility to the disease. This work attempts to help disentangle the influence of the other 
processes impacting species susceptibility, as well as provide a framework for the conservation 
of a potentially threatened species. The first chapter specifically addresses the role of the bat skin 
microbiome in response to Pd presence with results suggesting that microbiome-host interactions 
may determine the likelihood of infection for Myotis lucifugus, a heavily impacted species. The 
second chapter assesses the population genetics of a threatened bat species, Myotis 
 xii 
septentrionalis, with results uncovering genetic admixture throughout the species range as well 
as genes putatively under selection in response to WNS. The third chapter provides a framework 
for the conservation and management of Perimyotis subflavus using what is currently understood 
about WNS and its impact on this potentially threatened species within the field of molecular 
biology. Collectively, this work contributes to a field of research that exists to better understand 




















Within the last century, there has been a dramatic increase in the emergence and spread of 
infectious diseases throughout wildlife populations, several of which have caused global declines 
and local extinctions far surpassing background levels (Daszak et al. 2000). At the same time, we 
are experiencing accelerated species loss, referred to as the Earth’s sixth major extinction, due to 
a wide array of causes (Leakey and Lewin 1996). While the exact rate of species loss remains 
uncertain, global rates of extinction are now above background rates and appear to be 
accelerating (Daszak et al. 2000, Waters et al. 2016). In an era with intercontinental dispersal of 
microbes, the rapid and geographically broad transmission of pathogens to diverse taxa has 
ultimately culminated in a significant reduction in global biodiversity.  
 
Examples of emerging wildlife diseases include chytridiomycosis, an infectious disease caused 
by the chytrid fungi Batrachochytrium dendrobatidis and B. salamandrivorans. 
Chytridiomycosis has been implicated in the decline and extinction of numerous amphibian 
species in North and South America, eastern Australia, East Africa, and the Caribbean, while 
many currently unexposed regions of the world are at high risk of fungal invasion and 
establishment within the coming years (Olson et al. 2013). The fungi cause 100% mortality in 
some amphibian populations and there are no current large-scale effective control measures. This 
disease, having affected approximately 30% of amphibian species worldwide (Stuart et al. 2004), 
is considered a major factor in the global decline of amphibians. Similarly, Snake Fungal Disease 
(SFD), caused by the fungus Ophidiomyces ophiodiicola, currently poses a significant threat to 
wild snake populations in the eastern United States (Lorch et al. 2016a) and appears to be 
moving westward. Discovered in a declining population of timber rattlesnakes (Crotalus 
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horridus), the disease has now been detected in over a dozen snake species, and like many other 
emerging infectious wildlife diseases, SFD is often fatal and difficult to control, posing serious 
conservation implications for native snake populations.  
 
White-nose syndrome (WNS), caused by the pathogenic fungus Pseudogymnoascus destructans 
(Pd), is one of the most important emerging infectious wildlife diseases in modern times, with 
devastating impacts on populations of North American bats and the critical ecosystem services 
they provide. WNS first emerged in the eastern United States in 2006 (Blehert et al. 2009, Lorch 
et al. 2011, Warnecke et al. 2012), and has rapidly advanced across North America, reaching the 
west coast by 2016 (Lorch et al. 2016b). To date, WNS has been confirmed in 28 U.S. states and 
five Canadian provinces. In Europe, the fungus is typically not fatal to bats (Puechmaille et al. 
2011). Since the arrival of Pd in North America, however, millions of North American bats have 
died from the disease, and there is growing concern for currently unaffected populations as the 
fungus continues to spread (Wilder et al. 2015). 
 
WNS is characterized by cutaneous infection during hibernation (Meteyer et al. 2009). Pd 
penetrates bat skin causing wing damage, dehydration, and electrolyte imbalance that disrupts 
bats’ natural torpor cycle resulting in the depletion of fat reserves and mortality (Warnecke et al. 
2013, Verant et al. 2014). Once surviving bats leave hibernacula, increases in body temperature 
and restored immune function enable bats to clear infection (Meteyer et al. 2011, Langwig et al. 
2015). However, Pd conidia remaining in caves can persist in the absence of bats, resulting in 
reinfection the following winter (Lorch et al. 2013, Langwig et al. 2015, Hoyt et al. 
2015).  Currently, thirteen North American bat species (big brown bat, Eptesicus fuscus; cave 
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bat, Myotis velifer; Eastern small-footed bat, Myotis leibii; fringed bat, Myotis thysanodes; gray 
bat, Myotis grisescens; Indiana bat, Myotis sodalis; little brown bat, Myotis lucifugus; long-
legged bat, Myotis volans; Northern long-eared bat, Myotis septentrionalis; Western long-eared 
bat, Myotis evotis; Southeastern bat, Myotis austroriparius; tricolored bat, Perimyotis subflavus; 
Yuma bat, Myotis yumanensis) have been confirmed with white-nose syndrome. Of the thirteen, 
two have been listed as endangered (gray bat, Myotis grisescens; Indiana bat, Myotis sodalis) and 
one as threatened (Northern long-eared bat, Myotis septentrionalis) under the Endangered 
Species Act. Projections suggest that at least twenty-five North American bat species may be 
susceptible to the disease (Turner et al. 2011).  
 
Mortality rates from WNS vary among species (Langwig et al. 2012, 2016), with fungal presence 
and growth drastically reducing the effective population sizes of some North American bat 
species (Reichard et al. 2014, Langwig et al. 2017, Frick et al. 2017) and leading to the local 
extirpation of others (Langwig et al. 2012, Frick et al. 2015). Bat mortality at many hibernacula 
in North America has exceeded 99% (Turner et al. 2011, Langwig et al. 2012), although pockets 
of survivors have been identified (Reichard et al. 2014). Environmental conditions in hibernacula 
may be strong predictors of disease impacts on species (Langwig et al. 2016); however, 
additional variation in susceptibility that cannot be explained by environmental conditions alone 
suggests that interactions with other processes (e.g., behavioral, immune response, microbiome) 
may play a role in species susceptibility to WNS (Langwig et al. 2016).  
 
These knowledge gaps have led to numerous questions concerning species-specific 
susceptibility, specifically: 1) the role that the bat microbiome plays in host-defense among 
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different North American bat species, 2) the extent to which current populations of some North 
American bat populations have been genetically affected by the onset and spread of Pd, and, 3) 
the likelihood that currently unaffected populations of North American bats, especially those in 
the West, will respond similarly to Pd invasion, with high mortality and local extirpation.  
 
To better understand the role of the skin microbiome in host defense against Pd, the first chapter 
investigates the epidermal microbiomes of three North American bat species (M. lucifugus, little 
brown bat; P. subflavus, tricolored bat, and E. fuscus, big brown bat). Microbiomes are 
increasingly being recognized as critical components of host health, directly influencing a range 
of biochemical and physiological processes (Cho and Blaser 2012). For mammalian skin 
microbiomes in particular, specific taxa are recognized as common inhabitants, with many 
species of bacteria functioning as commensals, although these communities are just beginning to 
be characterized (Ross et al. 2018). Numerous microbiome studies have been conducted for 
wildlife diseases and correlations between pathogen colonization and microbial diversity have 
been observed. However, identifying the role and influence of specific taxa and determining 
causality between host microbial diversity and infection likelihood remains challenging. As such, 
continued investigation of skin microbial inhabitants—both pathogens and commensals—is 
crucial to understanding microbial pathogenesis and the role of the microbiome in animal health. 
 
While investigations into the microbiomes of North American bats have been conducted to help 
characterize their skin microbiota (Avena et al. 2016, Lemieux-Labonté et al. 2017, Winter et al. 
2017), host-microbial interactions and their impact on bat health remain an important knowledge 
gap (Avena et al. 2016). Comparing the bacterial and fungal microbial composition of Pd-
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positive and Pd-negative bats across the range of Pd spread in North America provides an 
opportunity to investigate the impact a pathogenic fungus has on the host skin microbial 
community across several bat species. In addition, distinguishing resident bat skin microbiota 
from microbiota found in the surrounding environment can further contribute to our 
understanding of how host skin microbiomes are shaped by and interact with local microbiota 
(Cogen et al. 2008). Analyses that are able to correlate invasive pathogens to alterations within a 
microbiome contribute to a growing body of work that aim to disentangle the inherent 
complexities in the composition of the microbiome that can often preclude investigations of 
microbe-associated diseases.  
 
To address the genetic impact of Pd invasion on current M. septentrionalis (Northern long-eared 
bat) populations as well as anticipate the extent to which Pd will impact currently unaffected 
populations, the second chapter examines the existence of genetic population structure in pre-
WNS and post-WNS M. septentrionalis individuals. Population genetic theory predicts that 
populations undergoing severe declines will experience decreases in genetic diversity, as well as 
increases in genetic structuring and linkage disequilibrium (Frankham 1995, 2005). However, 
testing these tenets of evolutionary theory is difficult, as data rarely exist before, during, and 
after population decline, so portions of the theory remain poorly understood in natural 
populations. A population genetic assessment of M. septentrionalis that includes individuals 
from before and after the arrival of WNS is not only essential to understanding how the species 
has been shaped since Pd’s arrival, but it also provides the opportunity to test for rapid changes 
in population genetic structure, as this disease represents a tremendous selective force that could 
potentially result in more easily observed population genetic effects.  
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While mortality rates from WNS vary among bat species (Langwig et al. 2012, 2016), M. 
septentrionalis is one of the species most impacted by the disease and is currently 
considered “threatened” under the Endangered Species Act. Its range spans much of the eastern 
and upper midwestern United States as well as all the Canadian provinces from the Atlantic coast 
to the southern portions of the Northwest Territories and eastern British Columbia. WNS has not 
yet spread throughout its entire range; however, Pd is continuing to spread making this disease 
the dominant threat to M. septentrionalis, especially throughout the Northeast where WNS has 
contributed to extensive local extirpation (Frick et al. 2015).  
 
Pockets of survivors have been discovered, but as evidenced in other biological systems (e.g., fur 
seals, Arctic foxes, whooping cranes), the survival of some individuals does not necessarily 
ensure the long-term survival of a species. Populations under strong selective pressure eventually 
experience significant losses in population genetic variability, reducing their overall standing 
genetic variation and ability to respond to future selective pressures. The use of a double-digest 
restriction site-associated DNA sequencing approach makes it possible to assess numerous 
unexposed, pre-WNS M. septentrionalis populations to better understand their genetic variation 
and genetic structuring patterns before the arrival of Pd. Comparing these results to likely 
exposed (post-WNS) individuals then enables the ability to test for subsequent genetic effects 
and any altering of the genetic structure of more recent, Pd-impacted populations. This work is 
timely given the conservation importance of this North American bat species. As Pd continues to 
spread to new bat populations, questions concerning the conservation and management of this 
threatened bat species will become increasingly important.   
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The third chapter seeks to inform conservation policy decisions for P. subflavus (tricolored bat) 
using what is currently understood about WNS within the field of molecular biology in the form 
of a component of a Species Status Assessment (SSA). Initial work done to assess the impact of 
WNS on the local abundances and distributions of several North American bat species—
including P. subflavus—found that the disease has caused a 10-fold decrease in the abundances 
of bats at hibernacula, eliminating large differences in species abundance patterns that existed 
prior to disease emergence (Frick et al. 2015). As such, the conservation and management of P. 
subflavus is considered a priority for the U.S. Fish and Wildlife Service, and one of the first steps 
for a species listing under the Endangered Species Act is the curation and submission of an SSA.  
 
An SSA first summarizes the best available information on the life history, habitat and taxonomy 
of the species, which is then followed by a description of the species’ habitat and demographics. 
Last, an SSA forecasts the species’ response to probable future scenarios of environmental 
conditions and conservation efforts. Using the conservation biology principles of resiliency, 
redundancy, and representation (referred to as the “3 Rs”), an SSA evaluates the current and 
future conditions of the species with the overall goal of characterizing its ability to sustain 
populations in the wild using the best available scientific information. This, in turn, aids decision 
makers who make policy decisions under the Endangered Species Act.  
 
This chapter specifically addresses the taxonomy and genetics components of an SSA for P. 
subflavus, which includes information on their genetic structuring, effective population size, 
current stressors to genetic diversity, and the possible subsequent impacts on their biological 
resilience. The ability to make data-driven conservation decisions for threatened or endangered 
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species can foster effective management practices that are most appropriate for the biology of 
those at-risk. However, despite the applicability of new genetic methods in conservation 
research, genetic sequence data is relatively underutilized as a conservation management tool. 
Genetic techniques can inform managers of the presence of inbreeding depression, population 
structure, effective population size, and whether or not populations are isolated and fragmented 
(Höglund 2009), all of which play a crucial role in the long-term survival of a species. It is, 
therefore, timely and important that conservation researchers and conservation management 
practitioners recognize where genetics could redefine what’s been possible with traditional 
conservation methods (McMahon et al. 2014), which can be further enabled by the inclusion of 
analyses of genetic data in policy-informing documents like Species Status Assessments.  
 
Taken together, the three chapters in this dissertation contribute to a growing body of knowledge 
on the impacts of WNS on several North American bat species, addressing knowledge gaps 
concerning species-specific susceptibility and the conservation implications of continued disease 
spread—critical to combating global reductions in biodiversity with the continued emergence 





White-nose syndrome restructures bat skin microbiomes 
 
ABSTRACT 
The skin microbiome is an essential line of host defense against pathogens, yet our 
understanding of microbial communities and how they change when hosts become infected is 
limited. We investigated skin microbial composition in three North American bat species (Myotis 
lucifugus, Eptesicus fuscus, and Perimyotis subflavus) that have been impacted by the infectious 
disease, white-nose syndrome, caused by an invasive fungal pathogen, Pseudogymnoascus 
destructans. We compared bacterial and fungal composition from 154 skin swab samples and 70 
environmental samples using a targeted 16S rRNA and ITS amplicon approach. We found that 
for M. lucifugus, a species that experiences high mortality from white-nose syndrome, bacterial 
microbiome diversity was dramatically lower when P. destructans is present. Key bacterial 
families—including those potentially involved in pathogen defense—significantly differed in 
abundance in bats infected with P. destructans compared to uninfected bats. However, skin 
bacterial diversity was not lower in E. fuscus or P. subflavus when P. destructans was present, 
despite populations of the latter species declining sharply from white-nose syndrome. The fungal 
species present on bats substantially overlapped with the fungal taxa present in the environment 
at the site where the bat was sampled, but fungal community composition was unaffected by the 
presence of P. destructans for any of the three bat species. This species-specific alteration in bat 
skin bacterial microbiomes after pathogen invasion may suggest a mechanism for the severity of 
white-nose syndrome in M. lucifugus, but not for other bat species impacted by the disease.  
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INTRODUCTION 
The microbiome is defined as the collection of microbes (composed of bacteria, bacteriophage, 
fungi, protozoa, and viruses) that live in and on an organism (Turnbaugh et al. 2006). 
Microbiomes are increasingly being recognized as critical components of host health, directly 
influencing a range of biochemical and physiological processes (Cho and Blaser 2012). For 
mammalian skin microbiomes in particular, specific taxa are recognized as common inhabitants 
although these communities are just beginning to be characterized (Ross et al. 2018). 
Researchers have identified several bacterial species that are associated with skin disease in 
humans (Kong et al. 2012, Zeeuwen et al. 2013, Findley and Grice 2014), including 
Staphylococcus aureus, which is linked to atopic dermatitis in children (Kong 2011), 
Corynebacterium minutissimum, the agent of erythrasma, a chronic, superficial infection that 
causes lesions, and Streptococcus pyogenes, the most common agent of cellulitis, a diffuse 
inflammation of loose connective tissue (Aly 1996). In wildlife, a pathogenic microbe, 
Batrachochytrium dendrobatidis, the fungal causative agent of chytridiomycosis in the skin of 
amphibians, has devastated amphibian populations worldwide (Berger et al. 1998, Longcore et 
al. 1999, Piotrowski et al. 2004). However, many species of bacteria exist as commensals and 
confer benefits to their hosts including defense against pathogens, metabolism, and reproduction 
(Cho and Blaser 2012). Examples include various staphylococcal species that inhibit skin 
inflammation after injury (Lai et al. 2009), as well as Staphylococcus epidermidis, which has 
been known to protect humans from an array of pathogenic bacteria such as S. aureus. Likewise, 
cutaneous microbes on amphibians might even play a protective role, allowing for resistance to 
pathogenic fungi (Harris et al. 2006, Woodhams et al. 2007, Belden and Harris 2007, Bataille et 
al. 2016).  
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While numerous microbiome studies have been conducted for wildlife diseases and correlations 
between pathogen colonization and microbial diversity have been observed, determining 
causality remains challenging. Previous studies have shown that pathogens can alter the 
microbiome. For example, B. dendrobatidis (Bd) disturbs the frog skin microbiome (during both 
natural and experimental infection) with bacterial richness significantly lower on Bd-infected 
frogs compared with uninfected frogs (Jani and Briggs 2014, Bates et al. 2018). Similarly, snake 
fungal disease was correlated with a reduction in bacterial and fungal diversity in an endangered 
rattlesnake (Allender et al. 2018). In Sea Star Wasting Disease, changes in microbial community 
composition occur during disease progression, with decreasing species richness in the late stages 
of the disease (Lloyd and Pespeni 2018). With such perturbations to microbiomes following the 
introduction of various pathogens, continued investigation of skin microbial inhabitants—both 
pathogens and commensals—is crucial to understanding microbial pathogenesis and the role of 
the microbiome in animal health.  
 
White-nose syndrome (WNS) in bats, caused by the fungal pathogen Pseudogymnoascus 
destructans (Pd), has become another prominent example of a lethal skin infection in wildlife 
(Blehert et al. 2009, Lorch et al. 2011, Warnecke et al. 2012). WNS is characterized by 
cutaneous infection during hibernation (Meteyer et al. 2009). The onset and growth of Pd on bat 
skin causes dehydration, fat loss, and electrolyte imbalance that disrupts bats’ natural torpor 
cycle resulting in the depletion of fat reserves and mortality (Warnecke et al. 2013, Verant et al. 
2014). WNS emerged in North American bats in winter 2005/2006 (Blehert et al. 2009, Lorch et 
al. 2011, Warnecke et al. 2012) and has caused massive declines in bat populations throughout 
its spread across the Northeast and Midwestern US and Eastern Canada (Frick et al. 2010, 2015, 
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Langwig et al. 2012, 2015b, 2017). Population declines at hibernating sites have been severe, 
leading to local extirpation of some species (Langwig et al. 2012, Frick et al. 2015), and much 
smaller persisting populations of other species (Reichard et al. 2014, Langwig et al. 2017, Frick 
et al. 2017). Once surviving bats leave hibernacula, increases in body temperature and restored 
immune function enable bats to clear infection (Meteyer et al. 2011, Langwig et al. 2015a). 
However, Pd conidia remaining in caves can persist in the absence of bats, resulting in 
reinfection the following winter (Lorch et al. 2013, Langwig et al. 2015a, Hoyt et al. 2015).   
 
Mortality rates from WNS vary among bat species (Langwig et al. 2012, 2016), and 
environmental conditions of hibernacula may be strong predictors of species impacts (Langwig 
et al. 2016). However, additional variation that could not be explained by environmental 
conditions alone suggests that interactions with other processes (e.g., behavioral, immune 
response, and microbiomes) may play a role in WNS susceptibility (Langwig et al. 2016). While 
investigations into the microbiomes of North American bats have been conducted to help 
characterize their skin microbiota (Avena et al. 2016, Lemieux-Labonté et al. 2017, Winter et al. 
2017), host-microbial interactions and their impact on bat health remain an important knowledge 
gap (Avena et al. 2016). Comparing the bacterial and fungal microbial composition of Pd-
positive and Pd-negative bats across the range of Pd spread in North America provides an 
opportunity to investigate the changes a pathogenic fungus has on the host skin microbial 
community across several bat species. In addition, distinguishing resident bat skin microbiota 
from microbiota found in the surrounding environment can further contribute to our 
understanding of how host skin microbiomes are shaped by and interact with local microbiota 
(Cogen et al. 2008).  
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We examined the epidermal microbiomes of three North American bat species: Myotis lucifugus, 
Perimyotis subflavus, and Eptesicus fuscus. These species were selected because they differ in 
both sociality and susceptibility to WNS and have been well sampled across a broad geographic 
range. Both M. lucifugus and P. subflavus are heavily impacted by WNS (Langwig et al. 2012, 
Frick et al. 2015, 2017), while E. fuscus is much less affected (Langwig et al. 2012, 2016). We 
used a targeted 16S rRNA and ITS amplicon approach comparing Pd-positive and Pd-negative 
bat skin swabs to examine interactions between bat epidermal bacterial and fungal microbiomes. 
We also classified the resident and transient microbes by comparing bat skin swabs to 
environmental (substrate) swabs to determine which members of the microbiome potentially 
serve as commensals and which may be transients from the environment. We hypothesized that 
bats infected with Pd will have lower skin microbial diversity but only for species that are 
heavily impacted by WNS (M. lucifugus and P. subflavus; not E. fuscus), and bacterial species 
that occur in higher abundance on Pd-positive bats will enhance anti-fungal properties in the 
microbial communities. Additionally, we predicted that we would find a significant difference in 
the microbiome composition between bat skin swabs and environmental swabs because only a 





Three species of hibernating bats (E. fuscus, big brown bat; P. subflavus, tri-colored bat; and M. 
lucifugus, little brown bat) were sampled throughout the eastern U.S. (Fig. 1). Samples were 
collected as a part of a larger effort to track and document the spread of Pd using epidermal 
swabbing of bats during winter hibernacula surveys conducted November–March of six 
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consecutive winters from 2009/2010 to 2015/2016. A complete list of samples, their collection 
sites and dates is available in the supplemental materials section (Table S1). Participating 
biologists were provided a detailed sampling protocol and video instructions to standardize 
sampling across sites and years (Frick et al. 2017). Epidermal swab samples were collected by 
dipping a sterile polyester swab in sterile water and rubbing the swab five times over the bat’s 
forearm and muzzle (Langwig et al. 2015a). Substrate swab samples were simultaneously 
collected from the ceiling or walls of each hibernaculum at least 10 cm from a roosting bat. After 
collection, swabs were placed in vials containing RNAlater (Thermo Fisher Scientific, Waltham, 
MA) and were subsequently stored at -20 ༠C, until DNA extraction. 
 
DNA extraction and testing 
Bat and substrate swabs were extracted using DNeasy Blood and Tissue extraction kits (Qiagen, 
Valencia, CA). The protocol was modified to include lyticase during the lysis step in addition to 
the proteinase K and buffer ATL as a way to enhance Pd extraction (Shuey et al. 2014). Both the 
bacterial and fungal amplifications used this same extraction. Pd DNA quantity for each sample 
was tested using a quantitative PCR assay (Muller et al. 2013). Pd load was calculated based on a 
serial dilution of P. destructans isolate 20631–21 and equation detailed in Janicki et al. (2015). 
Samples were run in duplicate, with 16 negative control wells distributed across each plate to 
detect potential contamination, which was not detected in any of the plates used in this work. 
Samples were considered Pd-positive if at least one of two qPCR cycle thresholds (Ct) was 
below 40; Pd loads were averaged when both replicates were positive. Additional details of the 
extraction and qPCR process are given in Huebschman et al. (2019). 
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Amplification and sequencing   
The DNA extracted from samples was prepped for sequencing following the Earth Microbiome 
Project 16S Illumina Amplicon Protocol and ITS Illumina Amplicon Protocol 
(earthmicrobiome.org; (Caporaso et al. 2012)) to test for bacterial and fungal taxa, respectively. 
Completed 16S rRNA and ITS libraries were submitted for 2 x 250 bp paired-end sequencing on 
a HiSeq 2500 at the University of New Hampshire’s Hubbard Center for Genome Studies.   
 
16S rRNA libraries were prepared by first amplifying the hypervariable region V4 of the 16S 
small subunit ribosomal gene with forward (barcoded) primer 515FB and reverse primer 806RB 
and an annealing temperature of 50 ༠C for 60 s. Negative controls were included during 
amplification to account for possible contamination. Amplicons from each sample were run on 
an agarose gel to verify presence of PCR product, with an expected band size for 515f-806r of 
~300–350 bp. Amplicons were then quantified via a Qubit fluorometer (Thermo Fisher 
Scientific). An equal amount of amplicon from each sample (240 ng) was combined into a 
single, sterile tube. Amplicon pools were then cleaned using a QIAquick PCR Purification Kit 
(Qiagen), following the manufacturer's instructions. An aliquot of the final pool was submitted 
for sequencing with the 16S rRNA forward and reverse sequencing primers as well as the index 
sequencing primer.  
 
ITS libraries were prepared by first amplifying the nuclear ribosomal internal transcribed spacer 
(ITS) region with the forward primer ITS1f and reverse (barcoded) primer ITS2 using an 
annealing temperature of 52 ༠C for 30 s. Negative controls were included during amplification to 
account for possible contamination. Amplicons from each sample were run on an agarose gel to 
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verify presence of PCR product, with an expected band size for ITS1f-ITS2 of ~230 bp. 
Amplicon cleanup and pooling followed the procedures detailed above for 16S rRNA libraries.   
 
Data processing 
Adapter sequences were removed using cutadapt (Martin 2011). Sequence quality control, 
feature table construction, and raw sequence merging were performed using DADA2 version 1.8 
in QIIME 2 (https://qiime2.org/). Unpaired reads were removed from the dataset. Feature tables 
for each sequence type contained counts (frequencies) of each unique sequence in each sample 
within the dataset. Additionally, this step detected and corrected Illumina amplicon sequence 
data, while also filtering any phiX reads as well as chimeric sequences. Best practices for 
microbial community analyses require that contamination caused by reagent and laboratory steps 
be removed as their presence can critically impact sequence-based microbial analyses (Salter et 
al. 2014, Knight et al. 2018). In our specific work, 16S sequence contamination present as a by-
product of lyticase use during the DNA extraction step was detected in the negative controls and 
subsequently filtered out by removing reads corresponding to Arthrobacter luteus and related 
species (i.e. Cellulosimicrobium spp.) from the entire 16S dataset. Common reagent and 
laboratory contaminants found in the negative controls (e.g. Pseudomonas, Sphingomonas) were 
also filtered out by removing corresponding reads. Additionally, taxa that accounted for less than 
0.1% of the total read sets were removed from each of the respective datasets before downstream 
analyses.  
 
In order to conduct diversity analyses, a multiple sequence alignment was constructed to create 
an aligned sequences feature table using mafft version 7.407 
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(https://mafft.cbrc.jp/alignment/software/; (Katoh and Standley 2013)). Highly variable positions 
were removed to reduce noise in the phylogenetic tree. FastTree version 
2.1 (http://www.microbesonline.org/fasttree/; (Price et al. 2010)) was applied to the filtered 
alignment, creating an unrooted phylogenetic tree where midpoint rooting was done at the 
midpoint of the longest tip-to-tip distance to create a rooted tree.  
 
Microbial diversity analyses 
QIIME2 version 2018.2 was used to conduct diversity analyses with accompanying statistical 
tests. The core metrics phylogenetic method computed and provided interactive visualizations for 
alpha and beta diversity metrics, while also generating principal coordinate analysis plots 
(PCoA) using Emperor (https://biocore.github.io/emperor/) for beta diversity analyses. 16S read 
counts were rarefied to 4,160 reads per sample and ITS read counts were rarefied to 6,167 reads 
per sample in order to retain as many samples as possible while also accounting for the amount 
of coverage needed to calculate meaningful diversity metrics. Alpha rarefaction plots indicated 
no increase in the number of bacterial or fungal OTUs with increased sequencing depth when 
rarefied to 4,160 and 6,167 reads per sample, respectively (Figs. S1 & S2).  
 
Associations between categorical metadata (Pd infection status, sample type, phylogeny, etc.) 
and alpha diversity data were conducted to determine any significant differences between 
metadata groups in QIIME2. Likewise, sample composition in the context of categorial metadata 
using beta diversity metrics was analyzed using PERMANOVA (Anderson and Walsh 2013). 
These tests determined which specific pairs of metadata groups differed from one another.  
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Linear mixed-effects modeling analyses 
To better understand the variables potentially driving skin bacterial diversity differences between 
Pd-positive and Pd-negative bats, we fit a linear mixed effects model that included Pd presence 
(coded as 0/1), site latitude, site longitude, and monthly average winter temperature of sample 
collection site as fixed effects and sample collection site and sample date as a random effects to 
account for multiple bats sampled at each site as well as inter-annual variation. Pd presence was 
determined using quantitative PCR (Muller et al. 2013) as described above. Monthly average 
temperatures of the sample collection date were collected from the National Oceanic and 
Atmospheric Association Climate Database (https://www.ncdc.noaa.gov/). Latitude at the sample 
collection site was included as a covariate to account for potential latitudinal diversity gradients 
in terrestrial bacteria (Andam et al. 2016), while winter sample selection was done to account for 
seasonal effects on microbial composition. Models were fit using the lmer function in the R 
package lme4. We assumed a Gaussian distribution and checked model residuals to confirm 
normality for each response variable (richness, evenness, and Shannon index) for each species.  
 
Taxonomic identification and differential abundance analyses 
Identifying the taxonomic composition of 16S rRNA sequences required the use of a pre-trained 
Naive Bayes classifier as well as the QIIME2 feature classifier plugin, which was trained on the 
Greengenes 13_8 99% OTUs where the sequences have been trimmed to only include 250 bases 
from the region of the 16S rRNA that was sequenced in the analysis (the V4 region, bound by 
the 515F/806R pair). ITS taxonomic identification leveraged the UNITE database version 7.2 
(https://unite.ut.ee/). The linear discriminant analysis (LDA) effect size (LEfSe) was used to 
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conduct microbial differential abundance analyses (http://huttenhower.sph.harvard.edu/lefse/; 
(Segata et al. 2011)).  
 
RESULTS 
For bacteria, 93,382,083 16S rRNA sequences amplified in 224 samples with a mean frequency 
of 413,195 reads per sample. Of those 224 samples, 154 were bat skin swabs and the remaining 
70 were substrate swabs. After filtering the total read set for Cellulosimicrobium, the 16S dataset 
was reduced to 3,694,218 sequences with a mean frequency of 16,492 sequences per sample. 
Rarefaction of the 16S data (Fig. S1) indicated a read minimum of 4,160 reads per sample for 
downstream analyses, reducing the total number of bacterial samples for analysis to 132: 70 bat 
skin swabs and 62 substrate swabs. For fungi, 17,251,679 ITS sequences amplified from 498 
samples. Of those 498 samples, 375 samples were bat skin swabs and the remaining 123 were 
substrate swabs. A mean of 34,503 sequences were obtained per bat skin sample. Rarefaction of 
the ITS dataset (Fig. S2) indicated a read minimum of 6,167 reads per sample for downstream 
analyses, reducing the total number of fungal samples to 251: 158 bat skin swabs and 93 
substrate swabs. Raw sequencing reads are available at the NCBI Short Read Archive (accession 
number: PRJNA533244).  
 
Bacterial and fungal skin microbiome dissimilarities between Pd-negative bat species 
Jaccard distance matrices that quantitatively measured bacterial community dissimilarity showed 
that—when measuring bacterial species presence and absence among bat species—E. fuscus and 
P. subflavus were the most similar in bacterial community composition (Figs. S3, S4; p = 0.19), 
while P. subflavus and M. lucifugus were the most dissimilar in bacterial community 
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composition (Figs. S3, S4, p = 0.02). Jaccard distance matrices for fungal community 
dissimilarity showed high levels of fungal community dissimilarity between all species pairs 
(Figs. S5, S6; E. fuscus and M. lucifugus, p = 0.001; E. fuscus and P. subflavus, p = 0.001; M. 
lucifugus and P. subflavus, p = 0.008).  
 
Characterization of Pd-negative bacterial and fungal microbiomes of 3 bat species 
The bacterial (Fig. S7; Table S2) and fungal (Fig. S8; Table S3) skin microbiomes of Pd-
negative E. fuscus, M. lucifugus, and P. subflavus were characterized to better understand the 
composition of skin microbiota without Pd present, to represent skin microbiomes before Pd 
invasion. These samples were all taken from bats from areas where WNS and Pd had not yet 
been detected (i.e., at least one year prior to Pd arrival). Pseudomonadales and Actinomycetales 
were two of the most abundant bacterial orders across all three bat species, but the relative 
abundance and dominance of each order differed among bat species (Fig. 2). Bacterial 
communities on E. fuscus (Fig. 2, A1) were dominated by a single order (Pseudomonadales), 
whereas skin microbiomes were much more even on M. lucifugus (Fig. 2, B1) and P. subflavus 
(Fig. 2, C1). Pseudomonadales in fact was the most common bacterial order for both E. fuscus 
(66.5% of OTUs) and P. subflavus (20.9%), and the third most common bacteria on M. lucifugus 
(12.3%). Actinomycetales was also a dominant order on all three species, making up 6.1%, 
12.6%, and 9.9% of bacterial OTUs on E. fuscus, M. lucifugus, and P. subflavus, respectively. 
 
Saccharomycetales was the most common fungal order across all three bat species; however, its 
relative abundance varied by bat species. Eptesicus fuscus (Fig. 2, A2) displayed higher evenness 
with relatively similar abundances of Saccharomycetales and its second most abundant order, 
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Capnodiales, while fungal communities on M. lucifugus (Fig. 2, B2) and P. subflavus (Fig. 2, 
C2) were both dominated by Saccharomycetales. Capnodiales and Onygenales—the second and 
third most abundant fungal orders for M. lucifugus—each made up less than 10% of its fungal 
microbiome. The same was true for P. subflavus, with Diaporthales and Hypocreales each 
making up less than 5% of the fungal microbiome as the second and third most abundant fungal 
orders.  
 
Microbial diversity analyses: microbiome differences between Pd-positive and Pd-negative bats  
Species richness, evenness, and Shannon diversity were similar in Pd-positive and Pd-negative 
E. fuscus bat samples for both bacterial (Fig. 3, A1; Evenness: 𝝌2 = 0.47, p = 0.52, Richness: 𝝌2 
= 0.85, p = 0.92, and Shannon Diversity: 𝝌2 = 0.72, p = 0.78), and fungal microbiomes (Fig. 3, 
B1; Evenness: 𝝌2 = 0.10, p = 0.10, Richness: 𝝌2 = 0.13, p = 0.13, and Shannon Diversity: 𝝌2 = 
0.09, p = 0.09). Fungal communities for M. lucifugus were also similar in species diversity (Fig. 
3, B2; Richness: 𝝌2 = 0.83 p = 0.84, Shannon Diversity: 𝝌2 = 0.86, p = 0.86) and evenness (Fig. 
3, B2; 𝝌2 = 0.95, p = 0.96) when comparing Pd-negative and positive samples. In contrast, 
bacterial microbiomes in M. lucifugus were less diverse (Fig. 3, A2; Richness: 𝝌2 = 0.33, p = 
0.34, Shannon Diversity: 𝝌2 = 0.01, p = 0.01) due to reduced evenness (Fig. 3, A2; 𝝌2 = 0.003, p 
= 0.003) in Pd-positive samples. Bacterial microbiomes for P. subflavus were similar between 
Pd-positive and negative bats (Fig. 3, A3; Evenness: 𝝌2 = 0.13, p = 0.14, Richness: 𝝌2 = 0.68, p 
= 0.70, and Shannon Diversity: 𝝌2 = 0.20, p = 0.21), whereas fungal microbiomes had higher 
evenness (Fig. 3, B3; 𝝌2 = 0.001, p = 0.001) and diversity (Fig. 3, B3; 𝝌2 = 0.003, p = 0.003) in 
the Pd-positive group than the Pd-negative group, but not in richness (Fig. 3, B3; 𝝌2 = 0.22, p = 
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0.22). Thus, there appeared to be substantial variation in the effects of the presence of Pd on bat 
microbiomes and that variation appears to differ by bat host.  
 
Does Pd influence M. lucifugus’ skin bacterial microbiome? 
Fungal diversity for M. lucifugus was most influenced by both average temperature and latitude, 
as one or both of these covariates were significant for all three response variables (Richness: 
monthly average temperature, p = 0.042, PE = 1.4, SE = 0.66; Evenness: monthly average 
temperature, p = 0.024, PE = 0.008, SE = 0.003, and latitude, p = 0.031, PE = 0.03, SE = 0.01; 
Shannon Diversity: monthly average temperature, p = 0.005, PE = 0.07, SE = 0.02, and latitude, 
p = 0.046, PE = 0.18, SE = 0.24). In contrast, results for P. subflavus indicated that sample date 
most significantly influenced fungal richness (p = 0.01, PE = 0.26, SE = 0.09) and Shannon 
diversity (p = 0.042, PE = 0.008, SE = 0.004) when compared to the other covariates. We found 
no clear effect of Pd presence, temperature, latitude, and sampling date on bacterial evenness or 
diversity for P. subflavus or E. fuscus; however, Pd presence (0/1) on M. lucifugus was 
associated with significantly decreased bacterial diversity (Evenness: p = 0.012, PE = 0.05, SE = 
0.02; Shannon Diversity: p = 0.001, PE = 0.66, SE = 0.18). Increases in Pd load in a sample 
corresponded with decreased Shannon diversity in M. lucifugus, although the result was not 
statistically significant (Fig. S9).  
 
Taxonomic differential abundance analyses in Pd-positive and Pd-negative M. lucifugus 
Comparisons of skin microbial diversity between Pd-positive and Pd-negative M. lucifugus 
uncovered substantial differences in bacterial taxa between the two groups, as both evenness and 
Shannon diversity were significantly lower in the Pd-positive bats. A differential abundance 
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analysis (Fig. 4) indicated that one family of bacteria, Pseudonocardiaceae, was overly abundant 
among Pd-positive M. lucifugus. Conversely, bacterial families Cytophagaceae and 
Rhizobiaceae, as well as bacterial order Chromatiales, were abundant in Pd-negative M. 
lucifugus.  
 
Comparison of skin microbiome between bats and substrates 
Bacterial diversity was significantly higher on substrates than on bats (Fig. 5A, 𝝌2 = 0.0001, p 
<0.001) with 17 abundant bacterial families represented in the combined substrate samples and 
only four overly abundant bacterial families represented in bat samples (Fig. S10). Fungal 
communities between the two sample types, however, were similar in diversity (Fig. 5B, 𝝌2 = 
0.345, p = 0.345) and taxa, as fungal taxa abundance comparisons between bat and substrate 
samples resulted in only one fungal order, Helotiales, being more represented in substrate 
samples than on bats. This result was not caused by the presence of Pd but rather other members 
of Helotiales, which are common fungi within cave communities. 
 
DISCUSSION 
We found that one of the most heavily impacted bat species, M. lucifugus, which was once 
highly abundant but underwent massive die-offs from WNS (Frick et al. 2010), is also the bat 
species whose bacterial microbiome is the most dramatically altered by the presence of Pd. 
Contrary to expectations, the bacterial microbiome does not appear to have a protective effect 
but rather appears affected by invasion and colonization by Pd, which suggests that Pd on these 
bats results in reductions in bacterial community diversity. This result was supported by the 
environmental modeling, which identified Pd presence as the only covariate significantly 
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influencing all measures of bacterial diversity in M. lucifugus. Recent work on host-associated 
microbial community changes throughout the progression of Sea Star Wasting Disease also 
found community-wide differences in the microbiomes of affected and unaffected individuals, 
specifically noting a decrease in species richness of the microbiome in late stages of the disease 
(Lloyd and Pespeni 2018). Decreases in diversity of host-associated microbial communities in 
other wildlife diseases (i.e. chytridiomycosis and snake fungal disease) have also occurred (Jani 
and Briggs 2014, Bataille et al. 2016, Bates et al. 2018, Allender et al. 2018).  
 
When commensals decrease in abundance throughout the progression of disease, their reduced 
collective ability to perform functions that inhibit or prevent the growth of pathogens and/or 
opportunistic bacteria potentially leads to an increase in disease severity. If true, it is possible 
that Pd causes epidermal microbiome dysbiosis, where normally dominating species decrease in 
abundance and, to compensate, normally outcompeted/contained species increase in abundance. 
Alternatively, M. lucifugus with low bacterial richness and evenness may be more susceptible to 
colonization by Pd. Disentangling these competing hypotheses would require a longitudinal 
study in which the microbiomes of the same individuals are assessed over time during Pd 
invasion, a dataset that has proven to be logistically very difficult to acquire. However, our 
preliminary findings strongly suggest that Pd invasion causes changes in bat skin microbiomes 
and in fact, increases in Pd load are correlated with decreases in bacterial diversity. 
 
A bacterial taxonomic differential abundance test between Pd-positive and Pd-negative M. 
lucifugus uncovered several bacterial taxa that are seemingly impacted by the onset and growth 
of Pd. The Pseudonocardiaceae family in the order Actinomycetales was significantly more 
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abundant in Pd-positive bats, while bacterial order Chromatiales and bacterial families 
Rhizobiaceae and Cytophagaceae were all significantly overrepresented in Pd-negative M. 
lucifugus. Investigations into the Pseudonocardiaceae family have found that certain members 
are involved in the production of antimicrobial agents under specific nitrogen conditions (Platas 
et al. 1998), with low nitrogen stimulating the production of antibacterial substances in the 
genera Amycolatopsis, Saccharomonospora, and Saccharopolyspora, and high nitrogen 
stimulating the production of metabolites in the genus Pseudonocardia. Indeed, a well-studied 
and highly evolved mutualism between fungus-growing ants and their fungi has also uncovered 
antibiotic-producing bacteria within the Pseudonocardiaceae family (Currie et al. 1999). Attine 
ants and their fungi are mutually dependent, with the maintenance of stable fungal monocultures 
critical to the survival of both organisms. Examination of this symbiotic relationship found that 
attine ant fungal gardens also host a specialized and virulent parasitic fungus belonging to the 
genus Escovopsis while filamentous bacterium from Pseudonocardiaceae—that are largely 
vertically transmitted between ant generations—produce antibiotics specifically targeted to 
suppress the growth of the specialized garden parasite (Cafaro and Currie 2005, Currie et al. 
2006). This relationship in ants suggests a link between members of the Pseudonocardiaceae 
family and fungal pathogen defense, making its overrepresentation in Pd-positive bats intriguing 
as it points to potential host defense mechanisms.  
 
As for bacterial orders overrepresented in Pd-negative M. lucifugus, a key characteristic of the 
Cytophagaceae family is that members of most species are able to degrade one or several kinds 
of organic macromolecules such as proteins (e.g., casein, gelatin), lipids, starches, and—most 
noteworthy in this case—chitin (Bergey 1989). Chitin, a long linear homopolymer of beta-1,4-
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linked N-acetylglucosamine, is a structurally important component of the fungal cell wall 
(Bowman and Free 2006). In both yeasts and filamentous fungi, chitin microfibrils are formed 
from inter-chain hydrogen bonding. These crystalline polymers significantly contribute to the 
overall integrity of the cell wall and when chitin synthesis is disrupted, the wall becomes 
disordered and the fungal cell becomes malformed and osmotically unstable (Bowman and Free 
2006). Given this seemingly important bacterial family characteristic, its abundance in Pd-
negative bats suggests a potential link between its enzymatic activity and its ability to limit Pd 
growth on bat skin. However, we note that this bacterial family was not common in E. fuscus, a 
bat species more tolerant to WNS. 
 
While the M. lucifugus bacterial microbiome appeared to be affected by the presence of Pd, E. 
fuscus and P. subflavus bacterial microbiomes were similar between the Pd affected and 
unaffected groups. Eptesicus fuscus is one of the bat species least affected by WNS as they still 
rank among the most abundant and widespread bats in North America even in regions where 
WNS has devastated populations of other bat species (Langwig et al. 2017). In contrast, P. 
subflavus populations appear to be in rapid decline due to WNS (Langwig et al. 2012, Frick et al. 
2015, 2017). Thus, it is curious that bacterial diversity in P. subflavus was not affected in the 
same manner as it was in M. lucifugus. One potential reason for the difference between M. 
lucifugus and P. subflavus has to do with their microbiomes prior to Pd infection. Beta-diversity 
analyses of Pd-negative M. lucifugus and P. subflavus indicate their bacterial and fungal 
microbiomes were significantly different before the onset of disease, and this could potentially 
explain differences observed following Pd invasion. For fungal community composition, the 
presence of Pd did not impact fungal taxon richness or evenness in E. fuscus or M. lucifugus, but 
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did impact the taxon evenness in P. subflavus, with significantly higher fungal community 
evenness in Pd-positive bats. Additionally, our findings suggest an influence of environment on 
the fungal species found on bats, as there were no significant differences in diversity or taxa 
between bat skin samples and the cave substrates, a pattern typically associated with transient 
(non-resident) members of a community (Kong and Segre 2012, Vanderwolf et al. 2015). Indeed, 
the fungal taxa present on bats appear to be a sample of what is present in the environment, with 
fungal spores adventitiously landing on bat skin rather than a commensal relationship of the 
fungi living on the host (Holz et al. 2018). Commensal fungi do occasionally grow on bats (e.g. 
Lorch et al. 2015), but Pd appears to have adapted from an environmental microbe living in cave 
sediments to a pathogen that is able to utilize bat skin as a food source (Palmer et al. 2018). 
Simply being a sampling of the environment was not the case for bacterial species, however, as 
there were significant differences in diversity between bats and substrates with substrate samples 
showing higher diversity. Additionally, relative abundance comparisons indicated 
overabundance in more than 20 bacterial families between bat and substrate samples. These 
results suggest that bat skin serves as a niche for certain bacterial species that remain as 
commensal members of the bat skin microbiome regardless of environment. Moreover, these 
commensal bacteria on the bat do not appear to be readily shed into the environment even though 
the substrate samples were taken in close proximity to the bats.  
 
Inherent complexities in the composition of the microbiome can often preclude investigations of 
microbe-associated diseases. Instead of single organisms being associated with disease, 
community characteristics (such as composition and metagenomic functionality) may be more 
relevant (Cho and Blaser 2012). Longitudinal microbiome studies of the same individual bats as 
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Pd arrives and infects a population are the ideal experiment but remain logistically challenging; 
therefore, investigations like our approach that are able to correlate invasive pathogens to 
alterations within a microbiome may be the next best alternative. The results of this study 
suggest that microbiome-host interactions may determine the likelihood of infection. However, 
the contrasting relationship between Pd and the bacterial microbiomes of M. lucifugus and P. 
subflavus indicate that we are just beginning to understand how the bat microbiome interacts 




















Figure 1. Bat sample collection distribution map. Eptesicus fuscus samples were collected from 7 
hibernacula 2011–2015. Myotis lucifugus samples were collected from 20 hibernacula 2011–






Figure 2. Bacterial and fungal microbiome taxonomy characterization. Bacterial characterization 
at the order level showed that for Eptesicus fuscus (A1) 66.5% of the bacterial OTUs were 
assigned to the order Pseudomonadales, for Myotis lucifugus (B1), Enterobacteriales was the 
most abundant bacterial order with 15.4% of the bacterial OTUs, and Pseudomonadales was the 
most abundant bacterial order for Perimyotis subflavus (C1) with 20.9% of the bacterial OTUs. 
Fungal microbiome characterization at the order level showed that for all three bat species, 
Saccharomycetales was the most abundant fungal order; however, its abundance varied 




















Figure 3. Measures of bacterial and fungal evenness, richness, and Shannon indices between Pd-
positive and Pd-negative bats. There were no significant differences when comparing (A1) 
bacterial or (B1) fungal diversity between Pd-positive and Pd-negative Eptesicus fuscus. (A2) 
Bacterial diversity comparisons in Myotis lucifugus found the evenness, richness and Shannon 
diversity were all significantly higher in Pd-negative bats. (B2) Fungal diversity comparisons in 
M. lucifugus did not indicate any difference between Pd-positive and Pd-negative bats. (A3) 
There were no significant differences when comparing bacterial diversity between Pd-positive 
and Pd-negative Perimyotis subflavus; however, (B3) fungal diversity results from P. subflavus 





Figure 4. Relative abundances of bacterial epidermal communities of Pd-positive and Pd-
negative Myotis lucifugus. Measures of relative abundance between the bacterial epidermal 
communities from swabs taken from Pd-positive and Pd-negative M. lucifugus revealed an 
overabundance of the bacterial family Pseudonocardiaceae in Pd-positive bats, while unaffected 
bats showed an overabundance of bacterial families Cytophagaceae and Rhizobiaceae, as well as 




Figure 5. Bacterial (A) and fungal (B) differences between bat epidermal and substrate 
microbiome composition. Bacterial results indicate a significant difference in diversity between 
bat and substrate samples, with substrate samples containing a higher Shannon diversity. Fungal 










Population structure of northern long-eared bats and adaptive responses to white-nose syndrome 
 
ABSTRACT 
While mortality rates from white-nose syndrome (WNS), caused by the fungal pathogen 
Pseudogymnoascus destructans, vary among bat species, the northern long-eared bat (Myotis 
septentrionalis) is one of the species most impacted by the disease, resulting in its current listing 
as “threatened” under the Endangered Species Act. This cited mortality could have significant 
genetic effects—possibly altering the genetic structure of affected populations as well as causing 
selectively driven genetic change. Using a double digest RAD-seq approach, we examined 
populations of M. septentrionalis before and throughout the spread of WNS to help elucidate the 
genetic impacts of this disease. Samples were collected during 1997–2018 from 31 North 
American states/provinces. In populations sampled from before the onset of WNS, no population 
structure was evident among most individuals despite sampling across a large part of the 
continent. Additionally, M. septentrionalis individuals by location revealed high levels of genetic 
similarity between locations. To investigate the impact of WNS on the genetic diversity of 
current M. septentrionalis populations, we measured changes in genetic diversity over time since 
the arrival of WNS, and found no significant changes in nucleotide diversity or inbreeding 
coefficients. The positive selection of loci in the CCKR and Wnt signaling pathways in more 
recent populations suggests an adaptive response to WNS and might point to future patterns of 
disease resistance in a growing percentage of the M. septentrionalis population as those 
surviving individuals successfully reproduce.  
 34 
INTRODUCTION 
The onset and rapid spread of white-nose syndrome (WNS), caused by the fungal pathogen 
Pseudogymnoascus destructans (Pd), has resulted in massive declines in bat populations 
throughout its spread across the Northeast and Midwestern United States and Eastern Canada 
(Frick et al. 2010, 2015, Langwig et al. 2012, 2015b, 2017). Population declines at hibernating 
sites have been severe, leading to local extirpation of some species (Langwig et al. 2012, Frick et 
al. 2015), and much smaller persisting populations of other species (Reichard et al. 2014, 
Langwig et al. 2017, Frick et al. 2017). While mortality rates from WNS vary among bat species 
(Langwig et al. 2012, 2016), the northern long-eared bat (Myotis septentrionalis) is one of the 
species most impacted by the disease, resulting in its current listing as “threatened” under the 
Endangered Species Act. This cited mortality could have significant genetic effects, altering the 
genetic structure of affected populations as well as causing selectively driven genetic change, but 
that assessment first requires understanding M. septentrionalis population structuring patterns 
before the onset of WNS.  
 
The geographic range of the northern long-eared bat spans much of the eastern and upper 
Midwest in the United States—totaling 37 states—as well as all the Canadian provinces from the 
Atlantic coast to the southern portions of the Northwest Territories and eastern British Columbia 
(Fig. 6, A). WNS has not yet spread throughout the northern long-eared bat’s entire range, as it 
has currently only been detected in a portion of the region where the northern long-eared bat 
occurs; however, the disease is continuing to spread (Fig. 6, B). Seasonal dynamics of WNS 
indicate that, for many North American bat species, fungal prevalence spikes when they enter 
hibernation and subsequently continues to increase throughout the winter. For M. septentrionalis, 
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however, fungal prevalence was nearly 100% in early hibernation and remained high throughout 
the duration of hibernation (Langwig et al. 2015a). Indeed, WNS is the dominant threat to this 
species, especially throughout the Northeast where it has caused extensive local extinction (Frick 
et al. 2015).  
 
Dispersal patterns and subsequent genetic connectivity can yield valuable insights into a species’ 
ability to adapt to a rapidly changing environment. Bat species generally engage in ecological 
behaviors that promote genetic admixture. Within temperate bat species, specifically, males and 
females typically roost together during hibernation and segregate in the spring and summer, only 
to co-roost again during fall swarming (Kerth et al. 2003, Rivers et al. 2005, 2006, 
Furmankiewicz and Altringham 2007, Altringham 2011). These seasonal transitions can take 
place over an expansive geographic extent (Fleming et al. 2003), as migratory movements, 
defined as bidirectional habitat shifts of 50 km or greater, can reach 1700 km for some temperate 
bat species (Fleming et al. 2003, Altringham 2011). Females are more likely to migrate and 
move further distances than males (Fleming et al. 2003, Kurta 2010) and when one or both sexes 
of a species engages in long distance migration, there tends to be less genetic structuring 
throughout the species’ distribution and high effective population sizes (when compared to non-
migratory species) due to the increased opportunities for contact and potential mating among 
individuals from different regions (Fleming et al. 2003, Furmankiewicz and Altringham 2007). 
Increased opportunities for mating occur during fall swarming, when bats congregate inside 
and/or around hibernacula to mate, facilitating gene flow between individuals from isolated 
spring/summer colonies and increasing genetic diversity and effective population size (Kerth et 
al. 2003, Parsons et al. 2003, Rivers et al. 2005, 2006, Furmankiewicz and Altringham 2007).  
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For big brown bats (Eptesicus fuscus), a widely distributed bat species, no genetic differentiation 
was observed among colonies using nuclear microsatellite markers (Vonhof et al. 2008). 
Likewise, an assessment of genetic structure in little brown bats (Myotis lucifugus) indicated 
relatively minimal differentiation among eastern populations (Wilder et al. 2015). Because 
colonies of M. septentrionalis have similar roosting and swarming patterns to other temperate bat 
species, we predicted little to no genetic structure between geographical regions in this species as 
well. As such, WNS may have the same impact on western populations as the fungus continues 
to spread throughout the species’ range due to their interconnectedness (Wilder et al. 2015).  
 
Severe population bottlenecks in a diverse array of vertebrate species have shown consistent 
negative impacts on population genetic diversity, which is in line with theoretical predictions. 
Bottleneck events and corresponding losses of genetic diversity have occurred in Guadalupe fur 
seals (Arctocephalus townsendi) (Weber et al. 2004), Arctic foxes (Vulpes lagopus) (Nyström et 
al. 2006), and whooping cranes (Grus americana) (Glenn et al. 1999). Migration of individuals 
and mutation counter genetic drift from a bottleneck and increase the amount of genetic variation 
within a population. In some cases, the movement of even a few individuals between populations 
can minimize the loss of genetic variation correlated with small population size (Mills and 
Allendorf 1996), as is seemingly the case in small populations of Galapagos finches (Grant and 
Rosemary Grant 1992). Mutation rates found in mammals (Kumar and Subramanian 2002), 
however, are ineffective at countering genetic drift in small and diminishing populations. 
Moreover, small and diminishing populations are more susceptible to an array of subsequent 
deleterious genetic effects, namely inbreeding depression and a reduction in the population’s 
standing genetic variation. These factors can further exacerbate population decline and the 
 37 
probability of extinction (Thornhill 1993, Loeschcke et al. 1994, Holsinger et al. 1996). While 
these examples do not explicitly answer questions concerning the impact of WNS on M. 
septentrionalis populations, they do provide evidence for the effects that severe population 
declines—like those triggered by WNS—can have on the genetic diversity of rapidly declining 
populations. 
 
In order to assess the extent to which selective pressures affect wild populations, understanding 
the baseline patterns of genetic structuring and variation within the population before the 
selection event is crucial. Only then can inferences be made about the resilience of a species. As 
such, investigations into the population structure of M. septentrionalis before the onset of WNS 
are essential to understanding how the population has been shaped since the arrival of Pd. Using 
a double digest RAD-seq approach, we examined populations of M. septentrionalis before and 
throughout the spread of WNS to help elucidate the genetic impacts of this disease. We 
hypothesized that pre-WNS populations of M. septentrionalis would exhibit range-wide 
panmixia, with high levels of gene flow between all North American regions. Additionally, we 
hypothesized that populations of M. septentrionalis have undergone losses of genetic diversity 
since the arrival and spread of Pd.  
 
METHODS 
Data collection and RAD library preparation 
Samples were collected during 1997–2018 from 31 North American states/provinces from 
swarming sites and summering areas. Swarming site sample collection was conducted from mid-
August to October, while summer samples were collected from May to early August. Harp traps 
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(Ausbat Research Equipment, Lower Plenty, Victoria, Australia) or mist-nets (Avinet, Dryden, 
New York, USA) were set at the entrance of underground sites to capture bats during swarming. 
Similarly, during the summer season, a combination of harp traps and mist nets were used to 
capture M. septentrionalis individuals along forest trails. Individuals were identified to species 
and 3–5mm diameter tissue samples were collected from the plagiopatagium or uropatagium 
using forceps and cuticle scissors of a 3 mm diameter biopsy punch (Faure et al. 2009, Broders et 
al. 2013). All bats were released at the site of initial capture. The study for which these samples 
were originally collected was carried out following annual approval from the Saint Mary’s 
University Animal Care Committee (protocol numbers: 08-20, 09-24, 10-11, 11-18, 12-17, and 
13-15) and under permits from the Nova Scotia Department of Natural Resources and the New 
Brunswick Department of Natural Resources.   
 
DNA was extracted using DNeasy Blood and Tissue extraction kits (Qiagen, Valencia, CA) and 
then quantified with Qubit to ensure DNA quantity of at least 100 ng/sample. Samples were then 
sent to the University of Minnesota’s Genome Center (UMGC) for GBS library preparation, 
where 100 ng of DNA was digested with 10 units of BamHI-HF and NsiI-HF (NEB) at 37℃ for 
2 hours, ligated with 200 units of T4 ligase (NEB) and phased adaptors with GATC and TGCA 
overhangs at 22℃ for 1 hour, and then heat killed. The ligated samples were purified with SPRI 
beads and then amplified for 18 cycles with 2X NEB Taq Master Mix to add the barcodes. 
Libraries were purified, quantified, pooled, and size selected for the 300-744 bp library region 
and then diluted to 2nM for sequencing on the Illumina NextSeq 550 using single-end 1x150 
reads (http://genomics.umn.edu/gbs.php).  
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Sequence quality control 
In order to confirm the reads were of sufficient quality to perform GBS analysis, two types of 
sequence alignment were used. The first employed mapping reads against an M. lucifugus 
reference genome (https://www.ncbi.nlm.nih.gov/assembly/GCF_000147115.1/) using BWA. 
Using a custom Python script, the resulting SAM alignment file was filtered by a minimum 
mapping quality of 20 (PHRED scale, 99% confidence), and a minimum alignment length of 200 
derived from the match operation of each CIGAR string. The Samtools flagstats command was 
used to count the number of primary alignments and calculate the percentage of reads mapped to 
the reference genome. 
 
To characterize the SAM entries that aligned poorly, and those that would not map to the 
reference genome, the reads were then aligned against a clustered protein database using 
PALADIN. The UniRef90 database was used as a reference, which clusters Uniprot Swissprot 
and TrEMBL proteins at 90% sequence similarity into representative entries. The PALADIN 
generated Uniprot report TSV file was then grouped by the organism mnemonic parsed from the 
KBID. The abundance of each entry was summated, resulting in the total number of reads from 
protein coding genes detected, per species. This count of genes and species was then used to 
verify levels of contamination and effectiveness of the GBS protocol. 
 
Variant calling and genetic diversity statistics 
Demultiplexed reads from UMGC were processed using the STACKS bioinformatics pipeline 
(process rad-tags, gstacks, and populations). The first step, process radtags, allowed up to two 
mismatches in the barcode and one mismatch in the adapter sequence, allowing for the rescue of 
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RAD-Tags. A sliding window of 15% of the read length was used for an initial exclusion of any 
reads with a Phred score below 10 within the window. Processed reads were then aligned to the 
M. lucifugus reference genome (https://www.ncbi.nlm.nih.gov/assembly/GCF_000147115.1/) 
using BWA version 7.17 (Li and Durbin 2009); this is the closest relative to M. septentrionalis 
with a complete genome. The resulting files were filtered (-F 0x804, -q 10, -m 100), converted to 
.bam files, and sorted using SAMtools (v. 1.8-27). The second step, gstacks, was then run using 
the Marukilow model with a minimum Phred score of 30. Alpha thresholds (for mean and 
variance) were set at 0.05 for discovering single nucleotide polymorphisms (SNPs). The third 
step, populations, was run using the default STACKS settings. Resulting loci were filtered to 
remove sequencing or alignment error artifacts. Individual relatedness was evaluated using Plink 
(restricted to a single SNP per locus and minor allele frequency >0.05), which indicated no 
related individuals within the dataset; therefore, all individuals were kept for further downstream 
analyses.  
 
To assess genetic diversity, we calculated global and population diversity and F-statistics for 
each SNP in Stacks. Nucleotide diversity (π), percentage of polymorphic sites, major allele 
frequencies, and observed versus expected heterozygosity indicate the general level of genetic 
diversity within a population. Fixation indices (FIS and FST) were calculated to evaluate possible 







Sample clustering was done using principal component analyses and the program STRUCTURE 
version 2.3.4 (Raj et al. 2014). Principal component analyses were conducted using the R 
package Adegenet. STRUCTURE was used to confirm that individuals from different sampling 
sites could be considered one population. The ADMIXTURE model was selected with no prior 
information about the sampling population. The model was run using a range of genetic clusters 
(i.e., k = 1 to 10) with 10 repetitions for each k and 500,000 Markov chain Monte Carlo 
iterations with a burn in of 50,000. The most likely number of genetic populations was calculated 
using Evanno’s ΔK (Evanno et al. 2005), averaging membership probabilities among runs using 
CLUMPP v.1.1.2 (Jakobsson and Rosenberg 2007). Results were displayed using Distruct v.1.1 
(Rosenberg 2004).   
 
Effective population size estimation 
Contemporary effective population sizes were calculated using the LDNe method (Waples and 
Do 2008), as implemented in the program NeEstimator v2 (Do et al. 2014), which produces 
estimates of contemporary effective population size using three single-sample estimators 
(linkage disequilibrium and heterozygote-excess methods, and a method based on molecular 
ancestry), as well as the two-sample (moment-based temporal) method. 
 
Selection analyses 
To detect loci putatively under selection, we used the Bayesian method implemented in the 
program BayeScan v.2.1 (Foll and Gaggiotti 2008). BayeScan is based on the multinomial-
Dirichlet model and identifies candidate loci under selection in genetic data, using differences in 
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allele frequencies between populations. It uses a logistic regression model to partition FST 
coefficients into a population-specific component (beta) and a locus-specific component (alpha). 
Estimated model parameters were obtained by first using 20 pilot runs, each consisting of 5,000 
iterations, followed by 100,000 iterations with a burn-in of 50,000 iterations. A significant, 
positive alpha value at a given locus suggests positive selection.  
 
The samples were separated into two groups: pre-WNS and post-WNS. The pre-WNS group 
included all of the individuals in the dataset sampled before 2006 (n = 152). The post-WNS 
group included all individuals that were collected from states after possible WNS exposure (e.g., 
the state was WNS positive prior to the sample collection) (n = 224). Any SNPs under selection 
that were represented in both groups (i.e., SNPs were under selection before the onset of WNS), 
were removed from the post-WNS SNP file.  
 
The M. lucifugus genome (GCA_000147115.1), annotations, and CDS sequences were 
downloaded from the NCBI ftp directory and a python script 
(https://github.com/Joseph7e/summarize-snps-with-gff) was then used to determine the closest 
genomic feature for each SNP found to be evolving under a model of positive selection. 








RAD sequence data quality and processing 
Our final dataset included 381 sequenced individuals, with 66 samples excluded during various 
stages of library preparation and sequencing due to low DNA quality or concentration. We 
obtained 235,416,202 single-end reads after our initial data filtering, resulting in a mean yield of 
615,107 reads per individual. Quality of reads was high across all individuals as indicated by an 
average PHRED score >30. The number of reads was particularly low for five samples, so they 
were excluded from further downstream analyses. As a result, the final dataset included 376 M. 
septentrionalis individuals. Processed reads aligned to the reference genome with an average 
overall rate of 97%. An average of 94% of mapped reads were retained after filtering for 
multiple hits and were used for downstream analyses. The genotype catalog included 451,282 
loci with 8.5x effective per-sample coverage. 
 
Pre-WNS population structure 
To assess genetic population structure and diversity before the arrival of Pd, only individuals 
collected before the arrival of Pd (2006) were included in the first iteration of analyses. This 
resulted in analysis of samples from 152 individuals from 15 North American states/provinces 
(Fig. 7). Results from STRUCTURE (Fig. 8) and a principal component analysis (Fig. S11) 
initially indicated population structure within the set of 152 individuals, with those from Alberta 
and British Columbia differentiated from all other sites. When those individuals were removed 
from the dataset, STRUCTURE failed to detect any additional population structure among 
remaining individuals. The graphical results were supported by Evanno’s ΔK, which indicated 
highest support for two populations when all individuals from the dataset were included (Fig. 
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S12). A second principal component analysis with individuals from Alberta and British 
Columbia removed showed a high degree of overlap among all remaining individuals (Fig. 9). 
 
Pre-WNS effective population size estimation 
All four effective population size methods in NeEstimator v2 were run (linkage disequilibrium, 
heterozygote excess, molecular coancestry, and temporal) on pre-WNS individuals, and for each 
method, the effective population size estimate was “infinite.”  
 
Pre-WNS genetic variation 
Most diversity indices had similar values between locations (Table 1). Little variation was found 
among locations in observed heterozygosity, with the one exception that Arkansas had the lowest 
observed heterozygosity (0.001). All locations shared similar major allele frequencies (~99%), 
nucleotide diversity, and inbreeding coefficients. Pairwise FST estimates between locations were 
consistently low with the highest values shared between Arkansas and the remaining locations 
(Table 2). Lower FST estimates are not surprising given that the estimate represents the average 
divergence between populations relative to the total diversity sampled.  
 
Changes in genetic diversity 
To assess changes in genetic diversity since the arrival of Pd, diversity indices were measured 
over time within regional spread zones (Fig. 10), with the first spread zone beginning at the 
epicenter of WNS and subsequent three spread zones emanating from the fungal origin in an 
effort to best mimic the spread of Pd. The width of each spread zone was approximately 300 
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miles (482 km) and spread zone delineations were based on seasonal fungal spread (i.e., the first 
spread zone included the sites that were exposed during the first years of Pd spread).  
 
While temporal sample coverage was not consistent within each spread zone (Table 3), assessing 
individuals over time within each zone helped account for the Pd arrival time, as year of arrival 
varied substantially between zones. Temporal changes in nucleotide diversity (π) (Fig. 11) and 
inbreeding coefficients (FIS) (Fig. 12) were measured within each spread zone. Results indicate 
that nucleotide diversity has remained constant for all four zones, as there were no significant 
shifts in diversity over time. Similarly, inbreeding coefficients within the spread zone have 
remained relatively unchanged, with one exception in spread zone 2 where the inbreeding 
coefficient has increased (p = 0.046). 
 
Loci under selection 
Of the 451,282 initially identified SNPs, BayeScan identified 5,436 SNPs to be under a model of 
positive selection. 2,148 SNPs were found in protein coding regions and the remaining 3,288 
SNPs were in non-coding regions. For SNPs found in coding regions, the gene was determined 
and for SNPs found in non-coding regions, the genes upstream and downstream of the SNP were 
determined (Table S4). In our analyses of gene function using all genes (from SNPs in coding 
and non-coding regions) in PANTHER, most genes were associated with either metabolic or 
cellular processes (Fig. 13). Similarly, most of these genes contributed to either cell or organelle 
cellular components (Fig. 14). The molecular function was heavily skewed towards binding and 
catalytic activity (Fig. 15). Additionally, from the list of candidate genes, the Gonadotropin-
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releasing hormone receptor pathway (p = 0.00003) (Fig. S13), the CCKR signaling pathway (p = 
0.02) (Fig. S14), and the Wnt signaling pathway were all enriched (p = 0.01) (Fig. S15).  
 
DISCUSSION 
Initial clustering analyses of pre-WNS M. septentrionalis individuals revealed subtle genetic 
structure, namely in the grouping of a few individuals from western Canada when compared to 
the rest of the North American population (Figs. 3, S1). This may suggest possible isolation by 
distance, as they represented the most western portion of the M. septentrionalis range. When 
those individuals were removed from the dataset, however, no population structure was evident 
despite sampling across a large part of the continent.  
 
Initial genetic summary statistics in pre-WNS M. septentrionalis individuals by location revealed 
high levels of genetic similarity between locations (Table 1). The average frequency of the major 
allele, or the most common allele for a given SNP within the cohort in question, was ~99% for 
all locations. The observed heterozygosity was highest in New Brunswick (0.004) and lowest in 
Arkansas (0.001). The nucleotide diversity (π) average between all locations was 0.004, with the 
highest value found in British Columbia (0.005) and the lowest in Arkansas (0.001). Likewise, 
inbreeding coefficients (FIS) were similar with an average of 0.002 between all locations. Illinois 
had the highest FIS (0.005) and South Dakota had the lowest (0.0002). Location pairwise FST 
values (Table 2), which measure subpopulation-level genetic differentiation relative to the total 
population, did not indicate strong signatures of population structure between locations, as most 
values were below 0.1. Exceptions include individuals from South Dakota, Arkansas, and New 
Brunswick, whose FST values indicated stronger genetic differentiation between other locations. 
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The largest FST value was 0.24 between South Dakota and Arkansas. Taken together, these 
results suggest a lack of genetic differentiation and considerable intermixing between M. 
septentrionalis populations when accounting for individuals in the most isolated portions of the 
entire range. This is expected in large, panmictic populations in which most individuals are 
potential partners and there is a high amount of continuous gene flow over time. 
 
To investigate the impact of WNS on the genetic diversity of current M. septentrionalis 
populations, changes in diversity over time were measured within four WNS spread zones. No 
significant changes occurred in nucleotide diversity over time (Fig. 11) and the same was true for 
inbreeding coefficients (Fig. 12). While these initial analyses optimistically indicate little to no 
change in average nucleotide variation since the arrival of WNS, this dataset also provides strong 
evidence to suggest high levels of genetic admixture throughout most of the M. septentrionalis 
range. Because heterozygosity is lost at a rate of 1/2Ne per generation due to genetic drift in 
diploid organisms (Fisher 1930), the rate of loss of genetic diversity is related to the initial 
effective population size, which was likely large for M. septentrionalis prior to the onset and 
spread of WNS. Detecting signatures of reduced nucleotide diversity after just a few generations 
was, therefore, unlikely. However, the increase in spread zone 2’s inbreeding coefficient does 
point to what could potentially occur throughout the M. septentrionalis range as WNS persists 
throughout North America. 
 
While recent shifts in overall genetic diversity have not occurred, many loci are putatively under 
selection in post-WNS M. septentrionalis individuals. The majority of the candidate genes were 
involved in biological regulation and metabolic processes; however, the complete list of gene 
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functions is diverse. Given what we currently understand about the pathogenicity of Pd and the 
documented responses of bats to WNS, three genes (FOXP2, BCO1, LDAH) identified under a 
model of positive selection were particularly promising candidates for a Pd-specific response. 
FOXP2 is associated with echolocation in bats (Li et al. 2007). A recent study of the closely 
related little brown bat (Myotis lucifugus) also identified FOXP2 when looking for genes 
potentially contributing to adaptive change as a result of WNS (Auteri and Knowles 2020). They 
hypothesized that the selection of this gene may suggest behavioral differences that confer a 
selective advantage. Adaptive shifts could be related to hunting proficiency, speed of developing 
foraging abilities in juveniles, or subtle differences in prey preferences—all of which could 
potentially impact survival. BCO1 encodes an enzyme protein involved in beta-carotene 
metabolism to vitamin A, which plays a vital role in membrane and skin protection—seemingly 
important given the impact of Pd on bat skin. LDAH promotes lipid accumulation and storage 
(Goo et al. 2017). A recent study found that higher fat stores contribute to persistence of little 
brown bat populations with white-nose syndrome (Cheng et al. 2019). The positive selection of 
this gene could potentially correlate to increased fat storage and higher rates of survival in M. 
septentrionalis.  
 
The enrichment of the Gonadotropin-releasing hormone receptor pathway, the CCKR signaling 
pathway, and the Wnt signaling pathway in post-WNS M. septentrionalis individuals also point 
to a possible biological response to WNS. The GnRH receptor (GnRHR), expressed at the cell 
surface of the anterior pituitary gonadotrope, is critical for normal secretion of gonadotropins LH 
and FSH, pubertal development, and reproduction. The enrichment of this hormone signaling 
pathway could be indicative of the selection of reproductively adept bats. The CCKR pathway 
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activates a G protein-coupled receptor for gastrin and cholecystokinin (CCK), regulatory 
peptides of the brain and gastrointestinal tract (Aloj et al. 2004, Harikumar et al. 2005). CCK 
receptors significantly influence neurotransmission in the brain, anxiety regulation, feeding, and 
locomotion. The Wnt signaling pathway—involved in both embryonic development and 
carcinogenesis—also controls tissue regeneration in adult bone marrow, skin, and intestines 
(Goessling et al. 2009). The enrichment of either of these pathways could also reasonably be in 
response to Pd invasion. The onset and growth of Pd on bat skin causes wing damage, 
dehydration, and electrolyte imbalance—disrupting their natural torpor cycle and resulting in the 
depletion of fat reserves and mortality (Warnecke et al. 2013, Verant et al. 2014). Bats that are 
able to replenish essential nutrients as well as wound heal throughout Pd infection would likely 
have an increased chance of survival. 
 
Extreme and rapid declines in population size can result in population bottlenecks, which can 
subsequently cause rapid reductions in genetic diversity resulting from drift. Frankham (1996) 
demonstrated that small population sizes reduce the evolutionary potential of wildlife species; 
therefore, the preservation of biological diversity requires the conservation and management of 
genetic diversity. The panmictic structure of M. septentrionalis populations raises questions 
concerning the conservation and management of this species, as it is likely that unexposed 
individuals in the western portions of the M. septentrionalis range will respond similarly to Pd 
infection—with extreme population declines causing local extinctions (Frick et al. 2015). This 
could potentially not be the case for individuals in the most extreme western portion of the 
species range (British Columbia and Alberta), as clustering analyses of pre-WNS M. 
septentrionalis individuals revealed subtle signatures of genetic structure in those regions. 
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However, the extreme overlap of the remaining individuals in the principal component 
analysis—coupled with consistently low FST values (<0.1) between populations from most of 
North America— indicates a high amount of genetic similarity among individuals from most of 
the continent. The loci under selection in more recently sampled individuals—if truly in response 
to Pd infection—might point to future patterns of disease resistance in a growing percentage of 
the M. septentrionalis population as those surviving individuals successfully reproduce.  
 
As evidenced in other biological systems (e.g., fur seals, Arctic foxes, whooping cranes), the 
survival of some individuals does not necessarily ensure the long-term survival of a species. All 
of the aforementioned species eventually experienced significant losses in population genetic 
variability, reducing their overall standing genetic variation and ability to respond to future 
selective pressures. Should the M. septentrionalis population experience similar reductions in 
genetic diversity as Pd continues to persist and spread throughout its range, questions concerning 













Table 1. Genetic statistics summary for pre-WNS M. septentrionalis by location (letter code for 
state/province) calculated using all nucleotide positions across all restriction-site-associated 
DNA (RAD) sites. These statistics include the average number of individuals genotyped at each 
locus (N), the number of variable sites unique to each location (Private), the number of total 
nucleotide sites across the dataset (Sites), percentage of polymorphic loci (% Polymorphic Loci), 
the average frequency of the major allele (P), the average observed heterozygosity (Hobs), the 




Table 2. Pre-WNS location pairwise FST values. Pairwise FST estimates between locations were 







Table 3. Spread zone sample information. While temporal sample coverage was not consistent 
within each spread zone, assessing individuals over time within each zone helped account for the 












































Figure 6. (A) Northern long-eared bat (Myotis septentrionalis) range map; (B) White-nose 




Figure 7. Map of locations from which Myotis septentrionalis samples were collected prior to the 






Figure 8. STRUCTURE bar plot results for K=2, which received the highest support from 
Evanno’s ΔK. Results from STRUCTURE initially indicated population structure among 
individuals from western Canada (British Columbia and Alberta). Dark blue bars represent the 
percentage of the samples assigned to the first “population” and light blue bars represent the 
percentage of samples assigned to the second “population,” all of which belong to British 




Figure 9. Principal component analysis results with individuals from western Canada removed. 
Clustering analyses initially indicated population structure within the set of 152 individuals, with 
those from Alberta and British Columbia differentiated from all other sites. With those 
individuals removed from the dataset, the principal component analysis indicates a high degree 
of overlap among all remaining individuals. Points represent individual samples which are 





Figure 10. White-nose syndrome spread zone map. White-nose syndrome spread map with 
regional spread zones beginning at the epicenter of WNS and emanating from the fungal origin, 





Figure 11. Temporal changes in nucleotide diversity (π +/- SE) in four spread zones (SZ 1, etc.), 
with SZ 1 the epicenter and SZ 4 the most recently colonized area. Results indicate that 
nucleotide diversity has remained constant for all four zones, as there were no significant shifts 






Figure 12. Temporal changes in inbreeding coefficients (FIS +/- SE) in four spread zones (SZ 1, 
etc.), with SZ 1 the epicenter and SZ 4 the most recently colonized area. Results indicate that 
inbreeding coefficients within the spread zone have remained relatively unchanged (linear 





Figure 13. Biological process gene ontology terms from PANTHER. Bars depict the number of 









Figure 14. Molecular function gene ontology terms from PANTHER. Bars depict the number of 





Figure 15. Cellular component gene ontology terms from PANTHER. Bars depict the number of 





















Species status assessment for Perimyotis subflavus:  
taxonomy, genetics, and stressors to genetic diversity 
 
SPECIES TAXONOMY 
Perimyotis subflavus, the North American bat commonly referred to as the tricolored bat, was 
first described in 1832 by Frederic Cuvier, who placed it in the genus Vespertilio with the 
scientific name Vespertilio subflavus (Cuvier 1832). The species was then moved into the genus 
Pipistrellus in 1897 due to its simple tragus, short face, upper incisors, and upper and lower 
premolars—the collective characteristics that define the pipistrelle group (Miller 1897). Further 
classification across the Vespertilionidae family uncovered that these characteristics are common 
among vesper bats and have also evolved repeatedly in disparate lineages. In 1984, 
morphological analysis revealed that the tricolored bat was more similar in appearance to species 
in the genus Myotis rather than Pipistrellus, warranting a new genus for the taxon: Perimyotis 
(Henri 1984).  
 
Recognition of the new genus Perimyotis was not without debate. A study released in 1985 
grouped it and the canyon bat (Parastrellus hesperus) into the genus Parastrellus, while a 1987 
publication listed the tricolored bat as a member of the Pipistrellus genus. A genetic study in 
2003, however, definitively concluded that the tricolored bat was distinct from all other 
Pipistrellus species, as well as the canyon bat, validating the use of the genus Perimyotis (Hoofer 
and Van Den Bussche 2003). A study done in 2010 also confirmed the canyon bat as a sister 
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taxon of the tricolored bat. The authors posited that the two genera form a biological tribe (a 
taxonomic rank above genus, but below family and subfamily), referred to it as the “perimyotine 
group”; this tribal clade was not formally named or described. Perimyotis subflavus is broadly 
distributed across the eastern United States from Texas to the upper peninsula of Michigan and 
southern Maine. Variation across the range has resulted in the recognition of four recognized 
subspecies: Perimyotis subflavus: Perimyotis subflavus clarus, Perimyotis subflavus floridanus, 
Perimyotis subflavus subflavus, and Perimyotis subflavus veraecrucis.  
 
SPECIES GENETICS 
Genetic structure and sex-biased dispersal 
Genetic investigations into the historical demography and dispersal patterns of Perimyotis 
subflavus found considerable diversity at both mitochondrial and microsatellite loci with 111 
distinct haplotypes out of 140 mitochondrial sequences from 15 sampling locations throughout 
Tennessee, Illinois, West Virginia, Kentucky, Pennsylvania, Missouri, Arkansas, North Carolina, 
Indiana, and Maryland (Martin 2014). Assessments of P. subflavus population structure via 
pairwise FST values in nuclear markers revealed little genetic differentiation between those 15 
locations, while analyses of molecular variance of mtDNA revealed significant structure across 
the sampled range. Observed patterns of significant structure in maternally inherited markers 
with a lack of structure in nuclear markers is often the result of male-biased dispersal (Prugnolle 
and de Meeus 2002). Indeed, sex-segregated AMOVAs within the same dataset showed higher 
levels of mitochondrial structure in females than in males, further suggesting male-biased 
dispersal in P. subflavus, which was expected given patterns in other vesper bat species (Kerth et 
al. 2002, Piaggio et al. 2009, Turmelle et al. 2011, Miller-Butterworth et al. 2014).  
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Considered regional migrants, tricolored bats are capable of up to 500 km movements between 
their summer and winter roosts (Fleming et al. 2003); however, most banding records suggest 
that they likely move less than 140 km (Griffin 1940, Barbour and Davis 1969a, Fujita and Kunz 
1984). Stable isotope data from 2012, however, show that male P. subflavus are making 
latitudinal movements similar to those associated with long distance migrating bat species, which 
include hoary bats (Lasiurus cinereus), eastern red bats (Lasiurus borealis), and silver-haired 
bats (Lasionycteris noctivagans) (Fraser et al. 2012). The mitochondrial data did not show 
similar migratory distances for female P. subflavus. Isolation-by-distance models suggested that 
female bats exhibit more “regional” fidelity than site fidelity (Vonhof et al. 2008), although there 
were a few exceptions to this model that could be the result of the geographic landscape and/or 
un-sampled regions.  
 
Effective population size and population size change 
Martin (2014) assessed P. subflavus population size changes using mtDNA as well as 
microsatellite data—revealing inconsistencies between the patterns inferred from the two marker 
types. Microsatellite data revealed a recent population decrease, while Extended Bayesian 
Skyline Plot analyses of the mitochondrial data suggested that a population decline was preceded 
by previous population growth with the time of population growth corresponding with the end of 
the last glacial period (~15,000 years ago). Indeed, western P. subflavus populations show an 
increase in effective population size (Ne) from ancestral populations (N1) of approximately 
10,000 to 20,000 females to the current effective population size (N0) of 390,000 females 
between 15,000 to 28,000 years ago.  
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From the microsatellite data, which provided evidence for panmixia among P. subflavus 
populations, there was a population size difference in N0 when compared to the mtDNA results, 
as they were an order of magnitude smaller. Furthermore, microsatellite data suggested a severe 
population decline, while mitochondrial data indicated a population increase. According to the 
microsatellites, the current estimated effective population size is roughly 9,000 individuals, while 
the ancestral effective population size was approximately 3.1 million, with the data suggesting 
that this decline started ~1,000 years ago – a possible effect of human expansion in North 
America. 
 
Stressors to genetic diversity 
North American bats face threats to their persistence, which include the use of wind energy and 
the introduction of an emerging infectious disease (Arnett et al. 2008, Cryan et al. 2010, Arnett 
and Baerwald 2013). Indeed, the invasion and rapid spread of Pseudogymnoascus destructans 
(Pd), the causative agent of white-nose syndrome (WNS), has led to questions regarding the 
resilience and stability of several species of North American bats, including P. subflavus (Blehert 
et al. 2009, Lorch et al. 2011, Warnecke et al. 2012). Since the onset of WNS, P. subflavus 
populations appear to be in rapid decline (Langwig et al. 2012, 2017, Frick et al. 2015).  
 
Initial work done on the effect of sociality and density-dependence on the persistence of WNS 
within North American bat populations measured the influence of pre-WNS population size on 
population growth rate following WNS detection. It was found that for populations of P. 
subflavus, pre-WNS population size was significantly negatively correlated with population 
growth rates following WNS detection (Langwig et al. 2012), highlighting how differences in 
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sociality influence the impacts of WNS on P. subflavus populations. Langwig et al. (2012) state,  
“Declines were higher in larger winter colonies of two solitary species, northern long-eared 
myotis and tricolored bats. These species rarely form large clusters (Barbour and Davis 1969b) 
and, as a result, contact among individuals of these species would be expected to increase with 
colony size, resulting in density-dependent transmission.”  
 
A study that investigated the Pd transmission dynamics among P. subflavus swabbed 22 
individuals over-wintering in caves and mines in New Brunswick, Canada in 2012 and 2013 and 
produced 408 fungal isolates comprised of 60 taxa in 49 fungal genera with an average of 10.2 ± 
3.9 fungal taxa per bat (Vanderwolf et al. 2015). The results suggested that site-to-site fungal 
variation on P. subflavus hibernating bats is largely due to environmental and ecological 
characteristics of individuals caves, rather than the presence of P. destructans or roosting habits. 
A study on the effects of host and pathogen ecology on the seasonal dynamics of WNS found 
that, for colonies of P. subflavus, P. destructans prevalence increased significantly during winter 
when bats were in hibernation (Langwig et al. 2015a). This study showed that hibernation is the 
dominant factor determining transmission dynamics and pathogen growth as it was only after P. 
subflavus bats began to fully hibernate during the winter that P. destructans transmission 
increased. In fact, in an additional study, out of 611 bat swabs in the early winter of 2012–2013, 
only one individual (a Myotis septentrionalis) was positive for P. destructans and four months 
later, in March of 2013, P. destructans prevalence was >85% for M. septentrionalis and M. 




Work done to assess the effects of WNS on the local abundances and distributions of several 
North American bat species (including P. subflavus) found that the disease has caused a 10-fold 
decrease in the abundance of bats at hibernacula, eliminating large differences in species 
abundance patterns that existed prior to disease emergence (Frick et al. 2015). Moreover, an 
investigation into the dynamics of P. destructans during the invasion and establishment of WNS 
found that the fraction of P. destructans-infected bats was relatively low at sites in the first year 
of detection, but prevalence rapidly increased the following winter. While the increases in 
prevalence varied among species within the hibernation season and across years since initial 
detection, infection prevalence in the majority of colonies of M. septentrionalis, M. lucifugus, 
and P. subflavus reached 100% by the late winter within two years of P. destructans detection 
(Frick et al. 2017). P. destructans loads increased asymptotically over several years, but 
maximum fungal load values differed between species with the same three (M. septentrionalis, 
M. lucifugus, and P. subflavus) having higher loads after the establishment of P. destructans 
compared to other species (Frick et al. 2017).  
 
The biological consequences of severe population declines—like those caused by WNS—could 
potentially result in diminished genetic variability and correlative effects on species fitness 
(Weber et al. 2004), leading to pertinent questions regarding the possible regional extirpation or 
extinction of this species. Although little published data exist on the precise genetic 
consequences of WNS on P. subflavus, specifically, severe population bottlenecks in other 
biological systems have been thoroughly investigated (e.g., whooping cranes, Arctic foxes), all 
showing consistent impacts on population genetic diversity. Therefore, well-informed deductions 
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can be made regarding the possible changes in P. subflavus genetic diversity and population 
structure since the onset of WNS using examples from other population bottlenecks.  
 
Loss of genetic variation and genetic drift 
Genetic variation, or the differences in DNA among individuals, is the mechanism responsible 
for a population’s ability to adapt to a changing environment. Certain alleles or combinations of 
alleles equip individuals with the capability to survive and reproduce under changing or new 
conditions, and allelic frequencies within a population may vary from common to incredibly 
rare. Moreover, their frequencies may change from one generation to the next in small 
populations simply due to chance, depending on which individuals mate and successfully leave 
offspring, a process known as genetic drift.  
 
When an allelic frequency is low within a small population, the allele has an increased 
probability of being lost in each subsequent generation. Wright (1931) proposed a formula to 
quantify the proportion of heterozygosity remaining after each generation (H) for a population of 
breeding adults (Ne): 
 
According to this equation, when evaluating a simplistic theoretical scenario involving an 
isolated population in which there are two alleles per gene, a population of 50 individuals would 
retain 99% of its original heterozygosity after one generation due to the loss of rare alleles and 
still have 90% after 10 generations; yet, a population of only 10 individuals would retain 95% of 
its original heterozygosity after 1 generation and 60% after 10 generations. This formula 
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illustrates how rapidly significant losses of genetic variation can occur in small or diminishing 
populations. 
 
Empirical population genetic studies in other systems have shown that as populations decline, 
they undergo reductions in genetic variation. Populations of Guadalupe fur seals, which were 
heavily hunted by commercial sealers, underwent an anthropogenically-caused bottleneck event 
during the late 18th and 19th centuries, which nearly resulted in their extinction. To elucidate the 
genetic consequences of their extremely reduced populations, recent tissue was compared to 
historically preserved specimens using mitochondrial DNA (mtDNA). It was found that pre-
bottleneck fur seals exhibited 25 different mtDNA genotypes, while more recent post-bottleneck 
fur seals only exhibited seven genotypes, demonstrating a significant loss of genetic variability 
as a result of the population bottleneck (Weber et al. 2004). Likewise, the arctic fox population 
underwent a severe demographic bottleneck in the early 20th century and has since been 
classified as a critically endangered species. Pre-bottleneck genetic variation from museum 
samples was compared to modern samples using variation in the mtDNA control region and five 
microsatellite loci. The data indicated that modern day arctic foxes have lost approximately 25% 
of their microsatellite alleles as well as four out of seven mtDNA haplotypes. In fact, the loss of 
heterozygosity was significantly higher than what virtual simulations had expected (Nyström et 
al. 2006).  
 
Famously, the whooping crane went through a severe population loss that resulted in only 14 
surviving adults. To assess the genetic effect of such an extreme population reduction, mtDNA 
was compared using samples from cranes before, during, and after the bottleneck. Pre-bottleneck 
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individuals exhibited six haplotypes, only one of which persists in post-bottleneck populations. 
Additionally, a haplotype that existed in low frequency is the most common haplotype among 
current populations, clearly illustrating the significant effect of genetic drift on allele frequencies 
in small populations. Furthermore, less than one-third of the pre-bottleneck haplotypes are 
currently represented among more recent individuals (Glenn et al. 1999).  
 
Migration of individuals and the mutation of genes work to counter genetic drift and increase the 
amount of genetic variation within a population. In some cases, the movement of even a few 
individuals (gene flow) between populations can minimize the loss of genetic variation 
correlated with small population size (Mills and Allendorf 1996), as is seemingly the case in 
small populations of Galapagos finches (Grant and Rosemary Grant 1992). Mutation rates found 
in nature, however, are ineffective at countering genetic drift in small and further diminishing 
populations. Moreover, populations undergoing strong genetic drift are more susceptible to an 
array of subsequent deleterious genetic effects, namely inbreeding depression and a reduction in 
the population’s adaptive capacity. These factors can further exacerbate population decline and 
the probability of extinction (Thornhill 1993, Loeschcke et al. 1994, Holsinger et al. 1996). 
While these examples do not explicitly answer questions concerning the impact of WNS on P. 
subflavus populations, they do provide evidence for the effects that severe population declines—
like WNS—can have on the genetic diversity of small and rapidly diminishing populations.  
 
Inbreeding, genetic load, and inbreeding depression 
Throughout a population’s evolutionary history, natural selection reduces dominant deleterious 
alleles by reducing an individual’s fitness and the subsequent likelihood that a dominant 
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deleterious allele can be passed down by that individual to the next generation within a 
population. Recessive deleterious alleles, however, are more easily ‘masked’ by their dominant 
non-deleterious counterparts and an individual carrying a single recessive deleterious allele will 
be able to pass the recessive allele to their offspring. When populations remain large, recessive 
deleterious alleles are rarely expressed. When a population undergoes a significant reduction in 
size—as is the case with P. subflavus as a result of WNS—genetically similar (or closely related) 
individuals with the same recessive alleles are more likely to mate, thus increasing the number 
and expression of recessive deleterious alleles in the population. 
 
Repeated inbreeding leads to an increase in the exposure of unfavorable genetic material within a 
population. Genetic load, defined as the reduction in the mean fitness of a population relative to a 
population composed entirely of individuals having optimal genotypes, can be caused by several 
factors (Whitlock and Davis 2001). Among them are recurrent deleterious mutations, genetic 
drift, and recombination affecting epistatically favorable gene combinations. Genetic load is 
represented as a number between 0 and 1 and it measures the biological inferiority of the average 
individual within a population when compared to the ‘most fit’ or best possible version of an 
individual. This number equals the relative chance that the average individual will die before it is 
able to reproduce due to its number of deleterious alleles.  
 
In a population that contains a variety of genotypes that vary in terms of fitness, one genotype 
has the highest fitness (Wopt), which will likely be greater than the average fitness (V) of the 
entire population. Average fitness (or mean fitness) is simply the fitness of each individual 
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genotype multiplied by its frequency within the population. The basic formula for genetic load 
(L) is as follows: 
 
If all individuals in the population have the optimal or ‘most fit’ genotype, V = Wopt and genetic 
load is zero. Conversely, if all but one of the genotypes have zero fitness, then V = 0 and L = 1. 
Essentially, genetic load increases as the average fitness of the entire population decreases.  
 
Continued inbreeding further exacerbates the genetic load within a population, as deleterious 
alleles are increasingly expressed in offspring after each generation unchecked by natural 
selection. In some cases, successful mating and hybridization with a genetically similar species 
(outbreeding) can increase genetic diversity within a population and subsequently reduce the 
number of deleterious alleles. Without outbreeding, however, mutation rate alone is too 
evolutionarily slow to increase a population’s genetic diversity, so left unchecked, a population 
undergoing a genetic bottleneck could experience an inbreeding depression. 
 
Reduction in fitness/adaptive capacity 
Fisher’s fundamental theorem of natural selection predicts that populations with low genetic 
variation have reduced evolutionary potential (Fisher 1958). This suggests that populations that 
have undergone a significant reduction in genetic diversity will be less genetically equipped, and 
therefore less likely to adapt to future environmental changes. Rare alleles and particular 
combinations of alleles that do not confer obvious/immediate advantages under current 
conditions could be ideally suited for future environmental conditions. As a result, the loss of 
genetic variation within a small population—even if lost alleles do not immediately impact 
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species fitness—may reduce the population’s ability to respond and adapt to long-term changes 
in the environment, such as predators, new diseases, or climate change (Falk and Holsinger 
1991). Reductions in fitness and evolutionary potential do probabilistically increase a 
population’s likelihood of extirpation, even if the number of individuals within a population 
rebounds after undergoing a bottleneck. Lower variation decreases mean fitness of populations, 
resilience, and long-term adaptability, while also allowing genetic drift to supplant natural 
selection as the primary driver of evolutionary change (Lacy 1997). These genetic effects are 
contributing to the increased vulnerability of many mammalian species (Davidson et al. 2009), 
which includes several species of North American bats, including P. subflavus.   
 
Extinction vortex 
As a population dwindles, it becomes more vulnerable to demographic variation, environmental 
variation, and genetic effects, which consequently tend to cause further reductions in size. This 
biological phenomenon has been likened to an extinction vortex (Gilpin and Soulé 1986). When 
a large population is disturbed and reduced to a smaller size—as is the case with P. subflavus 
since WNS—the reduced population will likely experience an increased rate of inbreeding and 
genetic drift, which could lead to an inbreeding depression, resulting in a lowered juvenile 
survival rate. This increase in the death rate results in an even lower population size, which 
subsequently causes more inbreeding. Additionally, random demographic variation can further 
reduce population size, causing even greater demographic fluctuations and a higher probability 
of extirpation and/or extinction.  
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The interplay of these factors exacerbates the possibility of extinction because a decline in 
population size caused by one factor will likely increase the vulnerability of the population to the 
other factors. This vortex will continue unless highly favorable conditions allow the population 
to increase in size and genetic diversity. 
 
Maintaining genetic variation 
Population genetic theory suggests that rapid population decline is likely reducing the genetic 
diversity of P. subflavus. Losses in genetic diversity are commonly associated with decreases in 
species fitness, which means that future P. subflavus populations are probabilistically less likely 
to survive and reproduce in their environment due to inbreeding depression or increases in 
population genetic load. Populations that undergo a significant reduction in genetic diversity will 
also be less genetically equipped to adapt to future environmental changes. These reductions in 
fitness and evolutionary potential do increase a population’s likelihood of extirpation as lower 
variation decreases mean fitness of populations, resilience, and long-term adaptability. If WNS is 
reducing P. subflavus genetic variation, their populations are becoming increasingly more 
vulnerable and less resilient to extirpation and possibly extinction as WNS continues to spread.  
 
Estimating the number of individuals needed to maintain genetic variability in a population is 
difficult. A study that investigated genetic diversity using animal stocks provided evidence to 
suggest that 50 individuals might be the minimum number of individuals necessary to maintain 
genetic variation within a population (Franklin 1980). This number’s applicability to wild 
populations is unknown as it was calculated based on the experience of animal breeders, which 
indicated that animal stocks can be maintained with a loss of 2–3% of the variability per 
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generation. Investigations into the mutation rates in Drosophila fruit flies suggested that when a 
population is 500 individuals in size or larger, the rate of new genetic variation arising through 
mutation alone could balance the variability being lost due to a small population size. These two 
values are commonly referred to as the 50/500 rule within conservation biology: Isolated 
populations need to have at least 50 individuals and preferably 500 individuals to maintain 
genetic variation.  
 
The 50/500 rule cannot be broadly applied to wild populations, as it fails to take into account 
unequal sex ratios and a population’s effective population size as well as the number of recessive 
lethal alleles within the population’s gene pool. The 50/500 rule assumes that a population is 
composed of N individuals, all of which have an equal likelihood of mating and producing viable 
offspring without accounting for individuals in a population that are incapable of successful 
reproduction due to factors such as poor health, sterility, malnutrition, age, small body size, etc. 
Given these individuals, the effective population size (Ne), or the number of individuals that 
would be required in an ideal Wright-Fisher population to yield the same level of diversity as 
what is observed in a sampled population, is often much smaller than the actual population size 
(Wright 1931, Fisher 1958, Luikart et al. 1998).  
 
Because the rate of loss of genetic variation is based on the effective population size (Ne) as 
opposed to the total number of individuals within a population (Nc), reductions in genetic 
variation can be quite drastic even when the actual population size is much larger (Kimura and 
Crow 1963, Nunney and Elam 1994). Estimating effective population sizes can be difficult, as 
the amount of error in the posterior distribution or likelihood surface can make it difficult to 
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draw definitive conclusions. Moreover, recent population declines can go undetected when using 
molecular methods until the population has already become incredibly small (Vonhof and 
Russell 2013).  
 
There is the potential to infer effective population size from a population’s census size, and vice 
versa, using the Ne/Nc ratio. The effective population size averages between 10 to 50% of the 
census size for most species (Hare et al. 2011); however, it is expected that a species’ Ne/Nc ratio 
will change over time given changes in a species’ life history (Luikart et al. 2010). The average 
Ne/Nc ratio across a range of species when neglecting to account for life history variables is 0.34, 
but more holistic estimates which attempt to account for life history variables resulted in an 
average Ne/Nc ratio of 0.11 (Frankham 1995). The average Ne/Nc ratio across mammal species is 
0.46 (Frankham 1995).  
 
While management efforts tend to focus on a species’ census population, effective population 
size estimations (Ne) are likely more appropriate when making conservation management 
decisions, as the value of Ne better suggests a population’s ability to adapt and persist after 
stochastic events (Hare et al. 2011), such as increased mortality from an introduced pathogen 
(WNS). These events facilitate genetic drift and as the value of Ne decreases, the effect of genetic 
drift on the population increases, as indicated previously. As such, Ne can be used to estimate 
future genetic diversity under various demographic scenarios, allowing for the assessment of the 
health of a given population without knowing the census size. If done appropriately, the overall 
genetic health of P. subflavus populations can be monitored by sub-sampling individuals 
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throughout the species’ range, calculating the actual Ne, and comparing that value to the 
simulated Ne required to maintain a healthy level of genetic diversity.  
 
Monitoring Perimyotis subflavus: genetic signals of necessary intervention 
There is strong evidence to suggest high levels of genetic admixture throughout most of the P. 
subflavus range. While expected, as bat species generally engage in ecological behaviors that 
promote genetic admixture, confirmation from genetic data does impact conservation and 
management decisions for this species. A lack of population structure throughout the P. 
subflavus range suggests that currently unaffected P. subflavus populations will respond 
similarly to Pd infection—with extreme population declines causing local extirpation (Frick et al. 
2015). Moreover, while there were slight discrepancies in the magnitude of effective population 
size change in P. subflavus, both datasets indicated population decline, which putatively suggests 
a reduction in the overall genetic diversity of this species. This could, in turn, impact species 
fitness, reducing their adaptive capacity in the event of future environmental changes.  
 
To best monitor genetic diversity and help mitigate losses in variation, various population 
genetic assessments can be conducted to potentially promote the conservation of this species. 
Testing for genetic admixture throughout the entire P. subflavus range would first answer 
questions regarding the continued spread of WNS. The spread of infectious diseases can be 
shaped by the genetic structure of host populations. Host population structuring patterns can, 
therefore, be used to make inferences about the rates and routes of host-mediated pathogen 
dispersal (Blanchong et al. 2008, Rioux Paquette et al. 2014). Currently, P. subflavus population 
structure has only been assessed using a portion of the species’ entire range. While informative, 
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an assessment of the entire range would better predict the future spread of WNS and its impact 
on currently unexposed P. subflavus populations. If range-wide genetic data indicated high levels 
of genetic connectivity and gene flow, P. subflavus-mediated WNS spread would likely continue 
at its current rate, which would have severe and immediate conservation implications for this 
species. 
 
Genetic diversity measurements—in the context of assessing variation loss—are only 
informative for conservation management if the same diversity measure exists before the 
stochastic event. Therefore, the use of P. subflavus museum specimens would allow for the 
testing of temporal changes in genetic variation since the onset of WNS. Genetic diversity could 
be measured by comparing heterozygosity, genotypes, haplotypes, nucleotide diversity, or allelic 
diversity of museum specimens to more recently sampled P. subflavus tissue. Significant 
reductions in any one of these diversity measures could be a genetic signal of necessary 
intervention, as evidenced by severe reductions in haplotype diversity in whooping cranes and 
Arctic foxes, among others. Lastly, a more accurate measure of effective population size would 
help conservation practitioners better estimate the extent of population die-off as well as the 
actual rate of genetic variation loss. Current data on the effective population size of P. subflavus 
leaves important knowledge gaps that—if answered—could help researchers better predict this 
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State Site Sample Date WNS Status Species 
New York Bennett Hill and Hitchcock 
Mine 
1/27/11 Positive MYLU 
Missouri Powder Mill Creek Cave 3/20/12 Negative MYLU 
Tennessee Bellamy Cave 2/27/12 Positive MYLU 
Tennessee New Mammoth Cave 3/26/12 Negative MYLU 
Wisconsin Boscobel Bear 3/9/13 Negative MYLU 
Virginia Craig Barn 6/28/12 Negative MYLU 
Virginia Linway Terrace 7/2/12 Negative MYLU 
Illinois Blackball Mine 1/30/13 Positive MYLU 
Arkansas Hidden Springs 3/6/13 Negative MYLU 
Kentucky Saltpeter Cave 1/17/14 Positive MYLU 
Kentucky Saltpeter Cave 1/17/14 Positive MYLU 
Kentucky Saltpeter Cave 1/17/14 Negative MYLU 
New Jersey Hibernia Mine 3/15/12 Positive MYLU 
New Jersey Hibernia Mine 3/15/12 Positive MYLU 
New Jersey Hibernia Mine 3/15/12 Positive MYLU 
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New Jersey Hibernia Mine 3/15/12 Positive MYLU 
Minnesota Soudan Underground Mine 3/14/12 Positive MYLU 
Minnesota Soudan Underground Mine 3/14/12 Negative MYLU 
Minnesota Soudan Underground Mine 3/14/12 Positive MYLU 
Indiana Binkley Cave 1/17/14 Positive MYLU 
Indiana Binkley Cave 1/17/14 Positive MYLU 
Indiana Binkley Cave 1/17/14 Positive MYLU 
Michigan Iron Mountain Mine 11/5/11 Negative MYLU 
Michigan Iron Mountain Mine 11/5/11 Negative MYLU 
New York Bull Mine 3/7/11 Positive MYLU 
New York Bull Mine 3/7/11 Positive MYLU 
New York Bull Mine 3/7/11 Positive MYLU 
Tennessee East Fork Saltpeter 1/17/13 Positive MYLU 
Tennessee East Fork Saltpeter 1/17/13 Positive MYLU 
Tennessee East Fork Saltpeter 1/17/13 Positive MYLU 
Tennessee Cooper Creek Cave 1/10/12 Positive MYLU 
Kentucky B and O Cave 12/5/12 Positive MYLU 
Kentucky B and O Cave 12/5/12 Positive MYLU 
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Massachusetts Princeton 5/24/11 Positive MYLU 
Massachusetts Princeton 5/25/11 Positive MYLU 
Massachusetts Princeton 5/26/11 Positive MYLU 
Massachusetts Princeton 5/27/11 Positive MYLU 
New Hampshire Merrill 5/31/12 Negative MYLU 
New Hampshire Merrill 5/31/12 Negative MYLU 
New Hampshire Merrill 5/31/12 Positive MYLU 
New Hampshire Merrill 5/31/12 Negative MYLU 
New Hampshire Merrill 5/31/12 Positive MYLU 
New Hampshire Merrill 5/31/12 Negative MYLU 
New Hampshire Merrill 5/31/12 Negative MYLU 
Virginia Tawney's 11/8/11 Positive MYLU 
Virginia Tawney's 11/8/11 Positive MYLU 
Virginia Tawney's 11/8/11 Positive MYLU 
Virginia Tawney's 11/8/11 Positive MYLU 
Virginia Tawney's 11/8/11 Positive MYLU 
Virginia Tawney's 11/8/11 Negative MYLU 
New York Knox Cave 2/16/12 Positive MYLU 
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Virginia Starr Chapel 3/29/12 Positive MYLU 
New York Knox Cave 2/16/12 Positive MYLU 
New York Knox Cave 2/16/12 Positive MYLU 
New York Knox Cave 2/16/12 Positive MYLU 
Tennessee Wolf River Cave 3/7/14 Positive MYLU 
Tennessee Wolf River Cave 3/7/14 Positive MYLU 
Wisconsin Horseshoe Bay 4/17/14 Negative MYLU 
Wisconsin Horseshoe Bay 4/17/14 Negative MYLU 
Wisconsin Horseshoe Bay 4/17/14 Negative MYLU 
Illinois Zimmerman 3/24/14 Positive MYLU 
Illinois Zimmerman 3/24/14 Positive MYLU 
Illinois Zimmerman 3/24/14 Positive MYLU 
Illinois Blackball Mine 3/25/14 Positive MYLU 
Illinois Blackball Mine 3/25/14 Positive MYLU 
Wisonsin Bear Creek 3/8/14 Negative MYLU 
Wisonsin Bear Creek 3/8/14 Negative MYLU 
Wisonsin Bear Creek 3/8/14 Negative MYLU 
Missouri Lime Kiln 1/7/14 Negative MYLU 
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Missouri Lime Kiln 1/7/14 Positive MYLU 
Missouri Lime Kiln 1/7/14 Positive MYLU 
Missouri Lime Kiln 1/7/14 Positive MYLU 
Missouri Lime Kiln 1/7/14 Negative MYLU 
Missouri Lime Kiln 1/7/14 Negative MYLU 
Missouri Great Scott Cave 1/22/14 Positive MYLU 
Missouri Great Scott Cave 1/22/14 Positive MYLU 
Missouri Great Scott Cave 1/22/14 Positive MYLU 
Missouri Great Scott Cave 1/22/14 Positive MYLU 
New Jersey Hibernia Mine 3/11/14 Positive MYLU 
New Jersey Hibernia Mine 3/11/14 Positive MYLU 
New Jersey Hibernia Mine 3/11/14 Positive MYLU 
New Jersey Hibernia Mine 3/11/14 Positive MYLU 
New York Walter Williams Preserve 12/12/13 Positive MYLU 
New York Walter Williams Preserve 12/12/13 Positive MYLU 
New York Walter Williams Preserve 12/12/13 Positive MYLU 
New York Walter Williams Preserve 12/12/13 Positive MYLU 
New York Walter Williams Preserve 12/12/13 Positive MYLU 
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New York Walter Williams Preserve 12/12/13 Positive MYLU 
Virginia Wares 1/29/14 Positive MYLU 
New Jersey Hiberia Mine 3/10/15 Positive MYLU 
New Jersey Hiberia Mine 3/10/15 Positive MYLU 
New York Hailes Cave 2/17/15 Positive MYLU 
New York Hailes Cave 2/17/15 Positive MYLU 
New York Hailes Cave 2/17/15 Positive MYLU 
New York Hailes Cave 2/17/15 Positive MYLU 
New York Hailes Cave 2/17/15 Negative MYLU 
Virginia Big Salt Cave 2/10/15 Positive MYLU 
Virginia Big Salt Cave 2/10/15 Positive MYLU 
West Virginia Bowden Cave 2/13/15 Positive MYLU 
Vermont Aeolus 11/17/15 Negative MYLU 
Vermont Aeolus 11/17/15 Positive MYLU 
Vermont Aeolus 3/9/16 Positive MYLU 
Vermont Aeolus 3/9/16 Positive MYLU 
Vermont Aeolus 3/9/16 Negative MYLU 
Missouri Coldwater Springs Cave 3/11/15 Positive MYLU 
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Missouri Coldwater Springs Cave 3/11/15 Positive MYLU 
Michigan Youngs Adit 2/24/15 Negative MYLU 
Wisconsin Maiden Rock 2/9/16 Positive MYLU 
Wisconsin Maiden Rock 2/9/16 Positive MYLU 
Virginia Wares 2/10/16 Positive MYLU 
New Hampshire Odiorne Point 3/4/13 Positive EPFU 
New Hampshire Odiorne Point 3/5/15 Negative EPFU 
Wisconsin Elroy Sparta 11/29/12 Negative EPFU 
Wisconsin Johnston Pottery 11/30/12 Negative EPFU 
Massachusetts Sevastio 7/13/11 Negative EPFU 
Massachusetts Sevastio 7/13/11 Negative EPFU 
West Virginia Greenville Saltpeter Cave 3/7/12 Positive EPFU 
Iowa Dancehall Cave 1/14/13 Positive EPFU 
Iowa Dancehall Cave 1/14/13 Negative EPFU 
Iowa Dancehall Cave 1/14/13 Positive EPFU 
Michigan Norway Mine 11/5/11 Negative EPFU 
Michigan Norway Mine 11/5/11 Negative EPFU 
Delaware Fort Delaware 2/16/12 Negative EPFU 
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Delaware Fort Delaware 2/16/12 Positive EPFU 
Delaware Fort Delaware 2/16/12 Positive EPFU 
Delaware Fort Delaware 2/16/12 Negative EPFU 
Delaware Fort Delaware 2/16/12 Positive EPFU 
New York Bull Mine 3/7/11 Positive EPFU 
Vermont Ely Copper Mine 3/2/11 Positive EPFU 
Vermont Ely Copper Mine 3/2/11 Negative EPFU 
Tennessee Cooper Creek Cave 1/10/12 Negative EPFU 
Tennessee Cooper Creek Cave 1/10/12 Negative EPFU 
Tennessee Worley's Cave 1/17/12 Positive EPFU 
Tennessee Worley's Cave 1/17/12 Negative EPFU 
Tennessee Worley's Cave 1/17/12 Negative EPFU 
New Hampshire Odiorne Point 3/16/12 Negative EPFU 
New Hampshire Odiorne Point 3/16/12 Negative EPFU 
New Hampshire Odiorne Point 3/16/12 Positive EPFU 
Illinois Zimmerman 3/24/14 Positive EPFU 
Illinois Zimmerman 3/24/14 Positive EPFU 
Wisonsin Bear Creek 3/8/14 Negative EPFU 
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Missouri Great Scott Cave 1/22/14 Positive EPFU 
Indiana Clyfty Cave 1/19/13 Positive EPFU 
North Carolina Cranberry Iron Mine 1/29/13 Negative EPFU 
North Carolina Cranberry Iron Mine 1/29/13 Negative EPFU 
North Carolina Cranberry Iron Mine 1/29/13 Positive EPFU 
Delaware Fort Delaware 2/19/14 Negative EPFU 
Delaware Fort Delaware 2/19/14 Negative EPFU 
Delaware Fort Delaware 2/19/14 Positive EPFU 
Delaware Fort Delaware 2/19/14 Negative EPFU 
New York South Bethlehem 1/17/14 Positive EPFU 
New York South Bethlehem 1/17/14 Positive EPFU 
New York South Bethlehem 1/17/14 Negative EPFU 
Virginia Mill Hill 1/30/14 Positive EPFU 
Virginia Woods Terry 2/11/14 Negative EPFU 
Delaware Fort Delaware 2/12/15 Positive EPFU 
Delaware Fort Delaware 2/12/15 Negative EPFU 
Maryland Crabtree 2/27/15 Positive EPFU 
Maryland Crabtree 2/27/15 Positive EPFU 
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New York Williams Lake Mine 2/3/15 Positive EPFU 
West Virginia Kline Gap 2/6/15 Positive EPFU 
West Virginia Kline Gap 2/6/15 Positive EPFU 
Iowa Dancehall Cave 2/16/16 Positive EPFU 
Maryland Stickpile Tunnel 2/19/16 Negative EPFU 
Maryland Stickpile Tunnel 2/19/16 Negative EPFU 
Missouri Coldwater Springs Cave 3/11/15 Positive EPFU 
Oklahoma Crystal Cave 1/19/12 Negative PESU 
Virginia Kelly Cave 4/4/12 Positive PESU 
Illinois Blackball Mine 2/6/13 Negative PESU 
Alabama Gross Skeleton Cave 2/19/13 Negative PESU 
Alabama Quarry Cave 2/20/13 Negative PESU 
Arkansas Devil's Den Cave 1/15/13 Negative PESU 
Arkansas Devil's Den Cave 1/15/13 Negative PESU 
Alabama Collier Cave 2/21/13 Negative PESU 
Georgia White River Cave 2/27/14 Negative PESU 
Georgia Black Diamond Tunnel 3/4/14 Positive PESU 
Georgia Black Diamond Tunnel 3/4/14 Negative PESU 
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Georgia Sitton's Cave 3/18/14 Positive PESU 
North Carolina Big Ridge Mine 2/3/14 Positive PESU 
North Carolina Big Ridge Mine 2/3/14 Positive PESU 
South Carolina Stumphouse Tunnel 2/6/13 Negative PESU 
South Carolina Stumphouse Tunnel 2/6/13 Negative PESU 
West Virginia Greenville Saltpeter Cave 3/7/12 Positive PESU 
West Virginia Greenville Saltpeter Cave 3/7/12 Positive PESU 
West Virginia Greenville Saltpeter Cave 3/7/12 Positive PESU 
West Virginia Greenville Saltpeter Cave 3/7/12 Positive PESU 
West Virginia Arbogast/Cave Hollow 1/25/12 Positive PESU 
West Virginia Arbogast/Cave Hollow 1/25/12 Positive PESU 
West Virginia Arbogast/Cave Hollow 1/25/12 Positive PESU 
West Virginia Arbogast/Cave Hollow 1/25/12 Positive PESU 
Indiana Binkley Cave 1/17/14 Negative PESU 
Mississippi Louisville Culverts 1/15/14 Negative PESU 
Mississippi Louisville Culverts 1/15/14 Positive PESU 
Mississippi Louisville Culverts 1/15/14 Positive PESU 
Mississippi Louisville Culverts 1/15/14 Positive PESU 
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Mississippi Louisville Culverts 1/15/14 Positive PESU 
Maryland Indigo Tunnel 3/7/14 Positive PESU 
Maryland Indigo Tunnel 3/7/14 Positive PESU 
Maryland Indigo Tunnel 3/7/14 Positive PESU 
Maryland Indigo Tunnel 3/7/14 Negative PESU 
Tennessee East Fork Saltpeter 1/17/13 Negative PESU 
Tennessee East Fork Saltpeter 1/17/13 Positive PESU 
Tennessee East Fork Saltpeter 1/17/13 Positive PESU 
Tennessee East Fork Saltpeter 1/17/13 Negative PESU 
Tennessee Worley's Cave 1/17/12 Positive PESU 
Tennessee Worley's Cave 1/17/12 Positive PESU 
Tennessee Worley's Cave 1/17/12 Positive PESU 
Kentucky B and O Cave 12/5/12 Positive PESU 
Illinois Illinois Caverns 2/12/13 Positive PESU 
Illinois Illinois Caverns 2/12/13 Positive PESU 
Illinois Illinois Caverns 2/12/13 Positive PESU 
Illinois Illinois Caverns 2/12/13 Positive PESU 
Illinois Illinois Caverns 2/12/13 Negative PESU 
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Tennessee Bellamy Cave 11/15/11 Positive PESU 
Tennessee Bellamy Cave 11/15/11 Negative PESU 
Tennessee Bellamy Cave 11/15/11 Positive PESU 
Tennessee Bellamy Cave 11/15/11 Positive PESU 
Tennessee Bellamy Cave 11/15/11 Positive PESU 
Virginia Tawney's 11/8/11 Negative PESU 
Alabama Key Wildlife Refuge 2/6/14 Negative PESU 
Alabama Key Wildlife Refuge 2/6/14 Positive PESU 
Alabama Key Wildlife Refuge 2/6/14 Negative PESU 
Alabama Sauta Wildlife Refuge 3/5/14 Positive PESU 
Alabama Sauta Wildlife Refuge 3/5/14 Negative PESU 
Alabama Sauta Wildlife Refuge 3/5/14 Positive PESU 
Tennessee Wolf River Cave 3/7/14 Positive PESU 
Tennessee Wolf River Cave 3/7/14 Positive PESU 
Tennessee Wolf River Cave 3/7/14 Positive PESU 
Tennessee Wolf River Cave 3/7/14 Positive PESU 
Alabama Key Wildlife Refuge 2/21/15 Positive PESU 
Alabama Key Wildlife Refuge 2/21/15 Positive PESU 
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Alabama Key Wildlife Refuge 2/21/15 Positive PESU 
Alabama Key Wildlife Refuge 2/21/15 Negative PESU 
Alabama Key Wildlife Refuge 2/21/15 Positive PESU 
Illinois Zimmerman 3/24/14 Positive PESU 
Illinois Zimmerman 3/24/14 Positive PESU 
Illinois Zimmerman 3/24/14 Negative PESU 
Illinois Blackball Mine 3/25/14 Positive PESU 
Illinois Blackball Mine 3/25/14 Positive PESU 
Illinois Blackball Mine 3/25/14 Positive PESU 
Wisonsin Bear Creek 3/8/14 Negative PESU 
Missouri Lime Kiln 1/7/14 Positive PESU 
Missouri Lime Kiln 1/7/14 Negative PESU 
Missouri Lime Kiln 1/7/14 Positive PESU 
Missouri Great Scott Cave 1/22/14 Positive PESU 
Indiana Clyfty Cave 1/19/13 Positive PESU 
Indiana Clyfty Cave 1/19/13 Positive PESU 
North Carolina Big Ridge Mica Mine 2/20/13 Positive PESU 
Arkansas Devil's Cave 3/7/14 Negative PESU 
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Arkansas Devil's Cave 3/7/14 Negative PESU 
Arkansas Devil's Cave 3/7/14 Negative PESU 
Arkansas Devil's Cave 3/7/14 Negative PESU 
Mississippi Tripoli Chalk Mine 1/9/14 Negative PESU 
Mississippi Tripoli Chalk Mine 1/9/14 Negative PESU 
Mississippi Nanih Waiya Cave 1/14/14 Positive PESU 
Mississippi Nanih Waiya Cave 1/14/14 Negative PESU 
Mississippi Nanih Waiya Cave 1/14/14 Negative PESU 
South Carolina Stumphouse Tunnel 2/26/14 Positive PESU 
South Carolina Stumphouse Tunnel 2/26/14 Positive PESU 
South Carolina Stumphouse Tunnel 2/26/14 Positive PESU 
South Carolina Stumphouse Tunnel 2/26/14 Negative PESU 
Virginia Wares 1/29/14 Positive PESU 
Virginia Mill Hill 1/30/14 Positive PESU 
Virginia Woods Terry 2/11/14 Positive PESU 
Virginia Woods Terry 2/11/14 Positive PESU 
Virginia Woods Terry 2/11/14 Positive PESU 
Arkansas Back Obeyond Cave 1/18/15 Negative PESU 
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Arkansas Keizor Cave 1/30/15 Positive PESU 
Arkansas Keizor Cave 1/30/15 Positive PESU 
Arkansas Keizor Cave 1/30/15 Positive PESU 
Georgia White River Cave 2/24/15 Positive PESU 
Georgia White River Cave 2/24/15 Positive PESU 
Georgia White River Cave 2/24/15 Positive PESU 
Georgia Sitton's Cave 3/10/15 Positive PESU 
Georgia Sitton's Cave 3/10/15 Positive PESU 
Indiana Clyfty Cave 1/10/15 Positive PESU 
Oklahoma Crystal Cave 1/15/15 Negative PESU 
Oklahoma Crystal Cave 1/15/15 Negative PESU 
Oklahoma Crystal Cave 1/15/15 Negative PESU 
South Carolina Stumphouse Tunnel 3/2/15 Positive PESU 
Kentucky Lee Cave 2/6/15 Negative PESU 
Kentucky Lee Cave 2/6/15 Positive PESU 
Tennessee East Fork Saltpeter 1/14/15 Positive PESU 
Tennessee East Fork Saltpeter 1/14/15 Positive PESU 
Tennessee East Fork Saltpeter 1/14/15 Positive PESU 
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West Virginia Kline Gap 2/6/15 Positive PESU 
Alabama Collier Cave 2/2/16 Positive PESU 
Alabama Collier Cave 2/2/16 Positive PESU 
Alabama Collier Cave 2/2/16 Positive PESU 
Arkansas Back Obeyond Cave 1/29/16 Positive PESU 
Arkansas Back Obeyond Cave 1/29/16 Positive PESU 
Georiga Black Diamond Tunnel 3/1/16 Positive PESU 
Georiga Black Diamond Tunnel 3/1/16 Positive PESU 
Mississippi Beldings Cave 2/5/16 Negative PESU 
Mississippi Beldings Cave 2/5/16 Negative PESU 
Wisconsin Maiden Rock 2/9/16 Negative PESU 
West Virginia Greenville Saltpetre Cave 2/10/16 Positive PESU 
West Virginia Greenville Saltpetre Cave 2/10/16 Positive PESU 
West Virginia Greenville Saltpetre Cave 2/10/16 Positive PESU 
West Virginia Greenville Saltpetre Cave 2/10/16 Negative PESU 
West Virginia Greenville Saltpetre Cave 2/10/16 Positive PESU 
Virginia Wares 2/10/16 Positive PESU 
Tennessee East Fork Saltpeter 3/22/16 Positive PESU 
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Tennessee East Fork Saltpeter 3/22/16 Positive PESU 
New Hampshire Odiorne Point 4/19/13 Negative SUB 
New Hampshire Odiorne Point 3/5/15 Negative SUB 
New York Altamont 7/17/11 Negative SUB 
Pennsylvania Canoe Creek 4/5/12 Positive SUB 
Pennsylvania Long Run Mine 4/9/12 Positive SUB 
Missouri Powder Mill Creek Cave 3/20/12 Negative SUB 
Missouri Powder Mill Creek Cave 2/6/13 Negative SUB 
Tennessee New Mammoth Cave 3/26/12 Negative SUB 
Tennessee Pearsons Cave 3/27/12 Negative SUB 
Oklahoma Crystal Cave 1/19/12 Negative SUB 
Virginia Linway Terrace 7/2/12 Negative SUB 
Illinois Blackball Mine 1/30/13 Negative SUB 
Illinois Blackball Mine 2/6/13 Negative SUB 
Alabama Gross Skeleton Cave 2/19/13 Negative SUB 
Alabama Quarry Cave 2/20/13 Negative SUB 
Alabama Collier Cave 2/8/12 Negative SUB 
Arkansas Hidden Springs 3/6/13 Negative SUB 
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Arkansas Hidden Springs 3/6/13 Negative SUB 
Arkansas Hidden Springs 3/6/13 Negative SUB 
Arkansas Devil's Den Cave 1/15/13 Positive SUB 
North Carolina Hazel Creek 2/5/13 Negative SUB 
Alabama Collier Cave 2/21/13 Negative SUB 
Georgia White River Cave 2/27/14 Positive SUB 
North Carolina Big Ridge Mine 2/3/14 Positive SUB 
Kentucky Saltpeter Cave 1/17/14 Positive SUB 
Kentucky Saltpeter Cave 1/17/14 Positive SUB 
South Carolina Stumphouse Tunnel 2/6/13 Negative SUB 
Indiana Binkley Cave 1/17/14 Positive SUB 
Indiana Binkley Cave 1/17/14 Negative SUB 
Iowa Dancehall Cave 1/14/13 Positive SUB 
Iowa Dancehall Cave 1/14/13 Negative SUB 
Iowa Dancehall Cave 1/14/13 Positive SUB 
Florida Meffords 2/24/14 Negative SUB 
Florida Meffords 2/24/14 Negative SUB 
Mississippi Louisville Culverts 1/15/14 Negative SUB 
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Mississippi Louisville Culverts 1/15/14 Negative SUB 
Maryland Indigo Tunnel 3/7/14 Negative SUB 
Maryland Indigo Tunnel 3/7/14 Positive SUB 
Tennessee East Fork Saltpeter 1/17/13 Negative SUB 
Tennessee East Fork Saltpeter 1/17/13 Positive SUB 
Kentucky B and O Cave 12/5/12 Positive SUB 
Missouri Great Scott Cave 1/22/13 Negative SUB 
Missouri Great Scott Cave 1/22/13 Positive SUB 
Illinois Illinois Caverns 2/12/13 Negative SUB 
Illinois Illinois Caverns 2/12/13 Positive SUB 
Alabama Key Wildlife Refuge 2/6/14 Negative SUB 
Alabama Sauta Wildlife Refuge 3/5/14 Positive SUB 
Alabama Sauta Wildlife Refuge 3/5/14 Negative SUB 
Tennessee Wolf River Cave 3/7/14 Positive SUB 
Tennessee Wolf River Cave 3/7/14 Positive SUB 
Wisconsin Horseshoe Bay 4/17/14 Negative SUB 
Illinois Zimmerman 3/24/14 Negative SUB 
Illinois Zimmerman 3/24/14 Positive SUB 
 109 
Illinois Zimmerman 3/24/14 Positive SUB 
Illinois Zimmerman 3/24/14 Positive SUB 
Illinois Blackball Mine 3/25/14 Positive SUB 
Illinois Blackball Mine 3/25/14 Negative SUB 
Illinois Blackball Mine 3/25/14 Positive SUB 
Missouri Lime Kiln 1/7/14 Negative SUB 
Missouri Lime Kiln 1/7/14 Positive SUB 
Missouri Great Scott Cave 1/22/14 Positive SUB 
North Carolina Big Ridge Mica Mine 2/20/13 Positive SUB 
Arkansas Devil's Cave 3/7/14 Negative SUB 
Arkansas Devil's Cave 3/7/14 Negative SUB 
Arkansas Devil's Cave 3/7/14 Negative SUB 
Delaware Fort Delaware 2/19/14 Negative SUB 
Delaware Fort Delaware 2/19/14 Positive SUB 
Mississippi Tripoli Chalk Mine 1/9/14 Negative SUB 
Mississippi Tripoli Chalk Mine 1/9/14 Negative SUB 
Mississippi Nanih Waiya Cave 1/14/14 Negative SUB 
Mississippi Nanih Waiya Cave 1/14/14 Positive SUB 
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Mississippi Nanih Waiya Cave 1/14/14 Positive SUB 
New Jersey Hibernia Mine 3/11/14 Positive SUB 
New Jersey Hibernia Mine 3/11/14 Positive SUB 
New Jersey Hibernia Mine 3/11/14 Positive SUB 
New Jersey Hibernia Mine 3/11/14 Positive SUB 
New York Walter Williams Preserve 12/12/13 Positive SUB 
New York Walter Williams Preserve 12/12/13 Positive SUB 
New York South Bethlehem 1/17/14 Negative SUB 
South Carolina Stumphouse Tunnel 2/26/14 Positive SUB 
South Carolina Stumphouse Tunnel 2/26/14 Negative SUB 
Texas Cedar Cave 2/1/14 Negative SUB 
Virginia Mill Hill 1/30/14 Negative SUB 
Arkansas Keizor Cave 1/30/15 Negative SUB 
Arkansas Keizor Cave 1/30/15 Negative SUB 
Delaware Fort Delaware 2/12/15 Negative SUB 
Delaware Fort Delaware 2/12/15 Negative SUB 
Delaware Fort Delaware 2/12/15 Negative SUB 
Georgia White River Cave 2/24/15 Negative SUB 
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Georgia White River Cave 2/24/15 Negative SUB 
Georgia White River Cave 2/24/15 Negative SUB 
Georgia Sitton's Cave 3/10/15 Positive SUB 
Georgia Sitton's Cave 3/10/15 Positive SUB 
Indiana Clyfty Cave 1/10/15 Negative SUB 
Indiana Clyfty Cave 1/10/15 Negative SUB 
Indiana Clyfty Cave 1/10/15 Positive SUB 
Indiana Clyfty Cave 1/10/15 Negative SUB 
Maryland Crabtree 2/27/15 Negative SUB 
Maryland Crabtree 2/27/15 Negative SUB 
Maryland Crabtree 2/27/15 Negative SUB 
Maryland Crabtree 2/27/15 Positive SUB 
New Jersey Hiberia Mine 3/10/15 Positive SUB 
New Jersey Hiberia Mine 3/10/15 Positive SUB 
New Jersey Hiberia Mine 3/10/15 Positive SUB 
New Jersey Hiberia Mine 3/10/15 Negative SUB 
New York Williams Lake Mine 2/3/15 Negative SUB 
New York Williams Lake Mine 2/3/15 Positive SUB 
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New York Williams Lake Mine 2/3/15 Negative SUB 
South Carolina Stumphouse Tunnel 3/2/15 Negative SUB 
South Carolina Stumphouse Tunnel 3/2/15 Negative SUB 
South Carolina Stumphouse Tunnel 3/2/15 Positive SUB 
Kentucky Lee Cave 2/6/15 Negative SUB 
Kentucky Lee Cave 2/6/15 Negative SUB 
Virginia Big Salt Cave 2/10/15 Positive SUB 
Arkansas Back Obeyond Cave 1/29/16 Positive SUB 
Arkansas Back Obeyond Cave 1/29/16 Negative SUB 
Georiga Black Diamond Tunnel 3/1/16 Negative SUB 
Iowa Dancehall Cave 2/16/16 Negative SUB 
Iowa Dancehall Cave 2/16/16 Negative SUB 
Maryland Stickpile Tunnel 2/19/16 Negative SUB 
Mississippi Beldings Cave 2/5/16 Negative SUB 
North Carolina Big Ridge Mica Mine 2/10/15 Negative SUB 
North Carolina Big Ridge Mica Mine 2/10/15 Negative SUB 
Michigan Youngs Adit 2/23/15 Negative SUB 
Wisconsin Maiden Rock 2/9/16 Positive SUB 
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Virginia Wares 2/10/16 Positive SUB 
Virginia Wares 2/10/16 Positive SUB 
Tennessee East Fork Saltpeter 3/22/16 Negative SUB 
Tennessee East Fork Saltpeter 3/22/16 Positive SUB 
Table S1. Microbiome sample list. Complete list of bat and substrate samples with 


































E. fuscus M. lucifugus P. subflavus 








Lactobacillales 5.65 Pseudomonadales 12.
3 
Actinomycetales 9.9 
Pasteurellales 2.93 Flavobacteriales 9.8 Enterobacteriales 6.1 
Bacillales 2.04 Lactobacillales 9.6 Bacillales 5.3 
Streptophyta 1.64 Sphingobacteriales 8.6 Burkholderiales 4.7 
Neisseriales 1.61 Bacillales 8.1 Lactobacillales 4.6 
Rhizobiales 1.43 Aeromonadales 4.3 Sphingomonadales 4.4 
Bacteroidales 1.40 Burkholderiales 3.6 Streptophyta 3.7 
Enterobacteriales 1.27 Rhizobiales 2.8 Flavobacteriales 3.7 
Sphingobacteriales 1.23 Clostridiales 1.8 Oceanospirillales 2.4 
Flavobacteriales 1.18 Xanthomonadales 1.3 Pasteurellales 2.0 
Sphingomonadales 1.05 Caulobacterales 1.1 Xanthomonadales 1.7 
Burkholderiales 0.84 Neisseriales 0.7 Chromatiales 1.4 
Clostridiales 0.74 Chromatiales 0.6 Caulobacterales 1.3 
Saprospirales 0.68 Streptophyta 0.6 Vibrionales 1.1 
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Oceanospirillales 0.33 Sphingomonadales 0.6 Kiloniellales 1.1 
Rubrobacterales 0.33 Pasteurellales 0.5 envOPS12 1.0 
Gemellales 0.33 Myxococcales 0.5 Acidimicrobiales 0.9 
Fusobacteriales 0.32 Nitrospirales 0.3 Saprospirales 0.9 
Rickettsiales 0.28 Saprospirales 0.3 Aeromonadales 0.8 
Xanthomonadales 0.24 Alteromonadales 0.3 Rickettsiales 0.7 
Proteobacteria 0.19 iii1-15 0.3 SBR1031 0.7 
Aeromonadales 0.16 Solirubrobacterales 0.2 Alteromonadales 0.6 
Spirochaetales 0.16 Fusobacteriales 0.2 Rhodobacterales 0.5 
Alteromonadales 0.09 Vibrionales 0.2 Campylobacterales 0.5 
Solirubrobacterales 0.09 RB41 0.2 Clostridiales 0.4 
Cytophagales 0.07 Bacteroidales 0.2 Sphingobacteriales 0.3 
Betaproteobacteria 0.07 Syntrophobacterales 0.1 Rhodospirillales 0.3 
Cardiobacteriales 0.06 Bdellovibrionales 0.1 Cytophagales 0.3 
Nitrosomonadales 0.06 Gemmatales 0.1 Thermales 0.2 
Acholeplasmatales 0.05 Cytophagales 0.1 Gitt-GS-136; unassigned 0.2 
Acidimicrobiales 0.05 Legionellales 0.1 Gemmatales 0.2 
Legionellales 0.05 Salinisphaerales 0.1 Planctomycetales 0.2 
 116 
Thermales 0.05 Gemellales 0.1 Desulfovibrionales 0.2 
Gemm-3; 
unassigned 
0.05 Thiotrichales 0.1 MND1 0.2 
Rhodothermales 0.04 Thermales 0.1 Gammaproteobacteria 0.2 
Rhodospirillales 0.04 Pedosphaerales 0.1 Myxococcales 0.1 
Chlamydiales 0.03 Rhodobacterales 0.1 Alphaproteobacteria 0.1 
Caulobacterales 0.03 Rickettsiales 0.1 agg27 0.1 
Erysipelotrichales 0.03 Nitrosomonadales 0.1 Desulfobacterales 0.1 
Ellin329 0.03 Gaiellales 0.1 C114 0.1 
Methylophilales 0.03 Pirellulales 0.1 iii1-15 0.1 
Vibrionales 0.03 Rhodocyclales 0.1 Deinococcales 0.1 
Rhodocyclales 0.02 Acidimicrobiales 0.1 MSB-5A5; unassigned 0.1 
ZB2; unassigned 0.02 Rhodospirillales 0.1 wb1_H11 0.1 
Campylobacterales 0.02 DS-18 0.1 Thiotrichales 0.1 
BD1-5; unassigned 0.02 S085; unassigned 0.1 Ellin6529; unassigned 0.1 
Nitriliruptorales 0.02 Oceanospirillales 0.0 Rhodocyclales 0.1 
SJA-4; unassigned 0.02 RB25; unassigned 0.0 Salinisphaerales 0.1 
RB41 0.01 PK29 0.0 pLW-97 0.1 
Euzebyales 0.01 Gammaproteobacteria 0.0 RB41 0.1 
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Gemmatales 0.01 Deinococcales 0.0 Desulfuromonadales 0.1 
Rhodobacterales 0.01 Methylophilales 0.0 BME43; unassigned 0.1 
Chromatiales 0.01 Sva0725 0.0 SM2F09 0.1 
Alphaproteobacteria 0.01 Planctomycetales 0.0 SBR1093; unassigned 0.1 
Gemmatimonadetes 0.01 Chlorophyta 0.0 Nitrospirales 0.1 
ABY1 0.01 MIZ46 0.0 S085; unassigned 0.1 
Desulfovibrionales 0.01 CCU21 0.0 Rubrobacterales 0.0 
Acidobacteriales 0.01 SM1D11 0.0 Chthoniobacterales 0.0 
Fimbriimonadales 0.01 Alphaproteobacteria 0.0 Solirubrobacterales 0.0 
Nitrospirales 0.01 Chroococcales 0.0 koll11; unassigned 0.0 
PRR-11; unassigned 0.01 Campylobacterales 0.0 028H05-P-BN-P5 0.0 
OD1; unassigned 0.01 A31 0.0 Bacteroidales 0.0 
Mb-NB09; 
unassigned 
0.01 MND1 0.0 Methylophilales 0.0 
Myxococcales 0.01 SJA-36 0.0 JG30-KF-CM45 0.0 
NB1-j 0.01 envOPS12 0.0 Pirellulales 0.0 
S085; unassigned 0.01 Gitt-GS-136 0.0 Legionellales 0.0 
Gemmatimonadales 0.01 SBR1031 0.0 Cerasicoccales 0.0 
AKYG1722 0.01 Proteobacteria 0.0 FAC88 0.0 
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Planctomycetales 0.01 Chlamydiales 0.0 mle1-48 0.0 
PHOS-HD29 0.01 PK329 0.0 Erysipelotrichales 0.0 
Ignavibacteriales 0.00 028H05-P-BN-P5 0.0 Gemmatimonadales 0.0 
Chlorophyta 0.00 Kiloniellales 0.0 Neisseriales 0.0 
SM2F11; 
unassigned 
0.00 Alphaproteobacteria 0.0 SJA-4; unassigned 0.0 
Phycisphaerales 0.00 Solibacterales 0.0 Opitutales 0.0 
WCHB1-41 0.00 FAC88 0.0 Gaiellales 0.0 
Pedosphaerales 0.00 SM2F11; unassigned 0.0 Proteobacteria 0.0 
Deinococcales 0.00 Betaproteobacteria 0.0 Gemmatimonadetes 0.0 
iii1-15 0.00 Methylococcales 0.0 Chlamydiales 0.0 
0319-7L14 0.00 PAUC37f; unassigned 0.0 PK29 0.0 
Caldilineales 0.00 Gemm-3; unassigned 0.0 Acidobacteriales 0.0 
SBR1031 0.00 Rubrobacterales 0.0 Sva0725 0.0 
Pirellulales 0.00 WD2101 0.0 Spirobacillales 0.0 
Procabacteriales 0.00 Cerasicoccales 0.0 Sediment-1 0.0 





0.00 N1423WL 0.0 SC-I-84 0.0 
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Opitutales 0.00 Verrucomicrobiales 0.0 Gammaproteobacteria 0.0 
    SJA-28; unassigned 0.0 Ellin6513 0.0 
    Deltaproteobacteria 0.0 Oscillatoriales 0.0 
    Thiohalorhabdales 0.0 Pseudanabaenales 0.0 
    Mycoplasmatales 0.0 Betaproteobacteria 0.0 
    JG30-KF-CM45 0.0 Methylococcales 0.0 
    NB1-j 0.0 Cryptophyta 0.0 
    Entomoplasmatales 0.0 ZB2; unassigned 0.0 
    Chthoniobacterales 0.0 Betaproteobacteria 0.0 
    WPS-2; unassigned 0.0 Verrucomicrobiales 0.0 
    Fimbriimonadales 0.0 Pedosphaerales 0.0 
    Ellin6067 0.0 Fimbriimonadales 0.0 
    GN15; unassigned 0.0 Phycisphaerales 0.0 
    Gemm-1; unassigned 0.0 Bacteroidetes; unassigned 0.0 
    agg27 0.0     
    A21b 0.0     
    Gammaproteobacteria 0.0     
    SC-I-84 0.0     
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    Bifidobacteriales 0.0     
    258ds10 0.0     
    koll11; unassigned 0.0     
    CCM11a 0.0     
    Coriobacteriales 0.0     
    DRC31 0.0     
    AKIW781 0.0     
    Phycisphaerales 0.0     
    PB19 0.0     
    Cardiobacteriales 0.0     
    FCPU426; unassigned 0.0     
    Desulfovibrionales 0.0     
    BHI80-139; unassigned 0.0     
    Chloroflexi; unassigned 0.0     
    WCHB1-50 0.0     
    Erysipelotrichales 0.0     
    S0208 0.0     
    Cryptophyta 0.0     
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    Elusimicrobiales 0.0     
    ZB2; unassigned 0.0     
    Sediment-1 0.0     
    Acidobacteria; 
unassigned 
0.0     
    Anaerolineae; 
unassigned 
0.0     
    AKYG1722 0.0     
    Oscillatoriales 0.0     
    Pseudanabaenales 0.0     
    Clostridia; unassigned 0.0     
    Hydrogenophilales 0.0     
    IS-44 0.0     
    Deltaproteobacteria 0.0     
    AKYG885 0.0     
    BD7-11; unassigned 0.0     
    d113 0.0     







E. fuscus M. lucifugus P. subflavus 
Saccharomycetales 25.6 Saccharomycetales 49.4 Saccharomycetales 79.2 
Capnodiales 22.1 Capnodiales 8.5 Diaporthales 5.0 
Ascomycota; 
unidentified 
10.7 Onygenales 8.2 Hypocreales 2.6 
Hypocreales 7.7 Sordariales 4.7 Capnodiales 1.7 
Dothideales 7.2 Eurotiales 3.5 Eurotiales 1.4 
Eurotiales 6.1 Hypocreales 3.5 Unassigned 1.4 
Tremellomycetes 4.7 Pleosporales 3.3 Malasseziales 1.0 
Unidentified 2.4 Pezizomycetes 2.9 Leucosporidiales 0.7 
Unassigned 1.9 Unassigned 2.5 Pleosporales 0.6 
Leucosporidiales 1.8 Polyporales 1.3 Wallemiales 0.6 
Pleosporales 1.7 Pezizales 1.2 Sporidiobolales 0.5 
Thelebolales 1.3 Trichosporonales 1.0 Ascomycota 0.5 
Mortierellales 1.3 Wallemiales 0.8 Mortierellales 0.5 
Wallemiales 0.9 Dothideomycetes 0.8 Microbotryomycetes 0.5 
Helotiales 0.6 Leucosporidiales 0.8 Unidentified 0.4 
Microascales 0.5 Helotiales 0.6 Trichosporonales 0.3 
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Pezizales 0.4 Malasseziales 0.6 Helotiales 0.3 
Polyporales 0.3 Mortierellales 0.5 unidentified 0.3 
Glomerellales 0.3 Ascomycota 0.5 Thelebolales 0.3 
unidentified 0.3 Unidentified 0.5 Polyporales 0.3 
Tremellales 0.2 Thelebolales 0.4 Cystofilobasidiales 0.2 
Trichosphaeriales 0.2 Agaricales 0.4 Russulales 0.2 
Rozellomycota 0.1 Dothideales 0.4 Pezizales 0.1 
Sporidiobolales 0.1 Sporidiobolales 0.3 Glomerellales 0.1 
Malasseziales 0.1 unidentified 0.3 Microascales 0.1 
Onygenales 0.1 Rozellomycota 0.3 Agaricales 0.1 
Microbotryomycetes 0.1 Trechisporales 0.3 Dothideales 0.1 
Sordariales 0.1 Diaporthales 0.2 Sordariales 0.1 
Agaricostilbales 0.1 Trichosphaeriales 0.2 Tremellales 0.1 
Dothideomycetes 0.1 Hymenochaetales 0.2 Trichosphaeriales 0.1 
Russulales 0.1 Cantharellales 0.2 Diversisporales 0.1 
Agaricales 0.1 Russulales 0.2 Rozellomycota 0.1 
Cantharellales 0.1 Venturiales 0.2 Agaricomycetes 0.0 
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Trichosporonales 0.1 Tremellales 0.1 Hymenochaetales 0.0 
Diversisporales 0.1 Cystofilobasidiales 0.1 Onygenales 0.0 
Chaetothyriales 0.0 Chaetothyriales 0.1 Chaetothyriales 0.0 
Cystofilobasidiales 0.0 Microascales 0.1 Trechisporales 0.0 
Hymenochaetales 0.0 Glomerellales 0.1 Tritirachiales 0.0 
Leotiomycetes 0.0 Microbotryomycetes 0.1 Xylariales 0.0 
Olpidiales 0.0 Xylariales 0.1 Filobasidiales 0.0 
Xylariales 0.0 Filobasidiales 0.1 Basidiobolales 0.0 
Coniochaetales 0.0 Teloschistales 0.1 Amylocorticiales 0.0 
Ophiostomatales 0.0 Agaricomycetes 0.0 Holtermanniales 0.0 
GS11 0.0 Basidiomycota 0.0 Archaeorhizomycetales 0.0 
Botryosphaeriales 0.0 Spizellomycetales 0.0 Taphrinales 0.0 
Filobasidiales 0.0 Corticiales 0.0 Mucorales 0.0 
Archaeorhizomycetales 0.0 Taphrinales 0.0 Melanosporales 0.0 
Coryneliales 0.0 Botryosphaeriales 0.0 Cantharellales 0.0 
Mucorales 0.0 Microbotryomycetes 0.0 Olpidiales 0.0 
Phacidiales 0.0 Togniniales 0.0 Dothideomycetes 0.0 
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Togniniales 0.0 Olpidiales 0.0 GS04 0.0 
GS04 0.0 Orbiliales 0.0 Teloschistales 0.0 
Auriculariales 0.0 Agaricostilbales 0.0 Boletales 0.0 
Trechisporales 0.0 Basidiobolales 0.0 Botryosphaeriales 0.0 
Basidiobolales 0.0 Auriculariales 0.0 Basidiomycota 0.0 
Diaporthales 0.0 Mucorales 0.0 Phacidiales 0.0 
Teloschistales 0.0 Diversisporales 0.0 Chytridiomycetes 0.0 
Chaetosphaeriales 0.0 Exobasidiales 0.0 Septobasidiales 0.0 
Agaricomycetes 0.0 GS04 0.0 Calosphaeriales 0.0 
Archaeosporales 0.0 Lichenostigmatales 0.0 Ophiostomatales 0.0 
Venturiales 0.0 GS11 0.0 Auriculariales 0.0 
Taphrinales 0.0 Melanosporales 0.0 Lecanorales 0.0 
Amylocorticiales 0.0 Tremellomycetes 0.0 Togniniales 0.0 
Basidiomycota 0.0 Boletales 0.0 Archaeosporales 0.0 
Erysiphales 0.0 Ustilaginales 0.0 Agaricostilbales 0.0 
Septobasidiales 0.0 Ophiostomatales 0.0 GS11 0.0 
Gloeophyllales 0.0 Atheliales 0.0 GS26 0.0 
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Boletales 0.0 Peltigerales 0.0 Kriegeriales 0.0 
Atheliales 0.0 Chaetosphaeriales 0.0 Coniochaetales 0.0 
Cystobasidiales 0.0 Erysiphales 0.0 Erythrobasidiales 0.0 
Exobasidiales 0.0 Entylomatales 0.0 Atheliales 0.0 
Tritirachiales 0.0 Archaeorhizomycetales 0.0 Chaetosphaeriales 0.0 
Xylonomycetes; GS34 0.0 Leotiomycetes 0.0 Dothideomycetes 0.0 
Sebacinales 0.0 Chytridiomycetes 0.0 Venturiales 0.0 
Rhytismatales 0.0 Cystobasidiales 0.0 Cystobasidiales 0.0 
    Septobasidiales 0.0 Golubeviales 0.0 
    Tritirachiales 0.0 Tremellomycetes 0.0 
    Archaeosporales 0.0     
    Lecanorales 0.0     
    Coniochaetales 0.0     
    GS26 0.0     
    Gloeophyllales 0.0     
    Entomophthorales 0.0     
    Dothideomycetes  0.0     
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    Umbilicariales 0.0     
Table S3. Complete list of skin fungal orders per species. Fungi are listed in order of relative 

















































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































  SHOX2 
  SHPRH 
  SIL1 
  SIX1 
  SLAMF8 
  SLC13A1 
  SLC15A1 
  SLC16A2 
  SLC18A3 
  SLC24A2 
  SLC25A13 
  SLC25A33 
  SLC26A7 
  SLC27A5 
  SLC2A7 
  SLC30A8 
  SLC35F1 
 188 
  SLC35F3 
  SLC38A6 
  SLC38A9 
  SLC39A10 
  SLC39A11 
  SLC40A1 
  SLC41A1 
  SLC6A19 
  SLC6A20 
  SLC6A6 
  SLC7A3 
  SLC8A1 
  SLC9A6 
  SLC9A9 
  SLCO4C1 
  SLIT3 
  SLITRK5 
 189 
  SMAD2 
  SMARCA1 
  SMARCA2 
  SMC2 
  SMIM12 
  SMIM15 
  SMIM8 
  SMKR1 
  SMPD3 
  SMPD4 
  SMURF2 
  SNAI1 
  SNAI3 
  SNAP25 
  SNAP47 
  SNCAIP 
  SND1 
 190 
  SNRPC 
  SNX13 
  SNX7 
  SOAT1 
  SOBP 
  SOX3 
  SOX5 
  SP2 
  SP3 
  SP6 
  SPATA17 
  SPATA18 
  SPATA19 
  SPATS2L 
  SPG21 
  SPINK4 
  SPINK6 
 191 
  SPOCK1 
  SPRY1 
  SPRY2 
  SPRY3 
  SPTLC3 
  SRBD1 
  SRGN 
  SRSF2 
  ST3GAL2 
  ST6GAL2 
  ST6GALNAC3 
  ST6GALNAC5 
  STARD13 
  STAT3 
  STIM2 
  STK24 
  STN1 
 192 
  STPG1 
  STRC 
  STX18 
  STYK1 
  SUB1 
  SUCLG1 
  SULF2 
  SUSD3 
  SV2B 
  SV2C 
  SVOPL 
  SYAP1 
  SYBU 
  SYDE2 
  SYN3 
  SYT1 
  SYT4 
 193 
  TACC1 
  TAF2 
  TAPT1 
  TAS2R3 
  TAS2R39 
  TAS2R4 
  TAS2R40 
  TAT 
  TBC1D1 
  TBC1D19 
  TBCCD1 
  TBL1XR1 
  TBX18 
  TBX2 
  TBX4 
  TBXAS1 
  TBXT 
 194 
  TCEAL7 
  TCEAL9 
  TCF12 
  TCF4 
  TCF7L2 
  TDRD15 
  TDRD5 
  TECRL 
  TEKT5 
  TENM2 
  TERB2 
  TET2 
  TEX26 
  TEX29 
  TEX37 
  TEX44 
  TEX45 
 195 
  TFEC 
  TFR2 
  TGIF1 
  TGM2 
  THBS1 
  THNSL1 
  THOC1 
  THOC2 
  THOC7 
  THSD7A 
  TIMM13 
  TINAG 
  TIPARP 
  TIPRL 
  TKTL1 
  TLE1 
  TLE3 
 196 
  TLE4 
  TLK2 
  TLR4 
  TLX1 
  TMEFF2 
  TMEM106B 
  TMEM114 
  TMEM120B 
  TMEM150B 
  TMEM159 
  TMEM161B 
  TMEM170B 
  TMEM171 
  TMEM174 
  TMEM18 
  TMEM182 
  TMEM196 
 197 
  TMEM2 
  TMEM201 
  TMEM202 
  TMEM229B 
  TMEM242 
  TMEM30B 
  TMEM38B 
  TMEM74 
  TMSB4X 
  TMTC2 
  TMTC3 
  TMTC4 
  TMX1 
  TNC 
  TNFAIP8L3 
  TNFRSF19 
  TNIK 
 198 
  TNRC6A 
  TNS1 
  TOM1L1 
  TOX 
  TOX3 
  TRABD2B 
  TRAF6 
  TRAM2 
  TRDN 
  TRIB1 
  TRIB2 
  TRIM24 
  TRIM26 
  TRIM68 
  TRIM69 
  TRIM71 
  TRIQK 
 199 
  TRMT1 
  TRMT9B 
  TRNAD-GUC 
  TRNAH-GUG 
  TRNAI-AAU 
  TRNAK-CUU 
  TRNAR-CCG 
  TRNAR-CCU 
  TRNAR-GCG 
  TRNAS-AGA 
  TRNAT-UGU 
  TRPC5 
  TRPM3 
  TRPM6 
  TRPS1 
  TSEN34 
  TSHZ1 
 200 
  TSLP 
  TSN 
  TTC14 
  TTC7B 
  TTLL7 
  TUBB 
  TUBGCP3 
  TUSC3 
  TWIST1 
  TWISTNB 
  TXNL1 
  UACA 
  UAP1 
  UBE2B 
  UBE2D2 
  UBE2F 
  UBE2V1 
 201 
  UBE3B 
  UBOX5 
  UBQLN2 
  UBXN2B 
  UBXN4 
  UCKL1 
  UCN3 
  UGCG 
  UHMK1 
  UNC5CL 
  UNC5D 
  UPK1B 
  USH2A 
  USP1 
  USP12 
  USP26 
  USP42 
 202 
  USP46 
  USP6NL 
  USP9X 
  USPL1 
  UST 
  UTRN 
  VAMP7 
  VCAN 
  VCL 
  VDAC2 
  VEGFC 
  VPS13C 
  VPS41 
  VRK1 
  VRK2 
  VRK3 
  VSTM2A 
 203 
  VSTM2B 
  VSTM2L 
  VTI1A 
  VWA5B1 
  WASF1 
  WASF3 
  WDR17 
  WDR63 
  WDR7 
  WDR75 
  WNT5A 
  WNT6 
  WSB1 
  WSCD1 
  WT1 
  WWC3 
  WWOX 
 204 
  WWTR1 
  XIRP1 
  XIRP2 
  XKR3 
  XPNPEP2 
  XRCC4 
  XYLT1 
  YAE1D1 
  YES1 
  YIPF5 
  YIPF7 
  YTHDC2 
  YTHDF3 
  ZBTB18 
  ZBTB33 
  ZBTB38 
  ZBTB41 
 205 
  ZC2HC1C 
  ZC3H12B 
  ZC3H12C 
  ZC3H15 
  ZC3H3 
  ZCCHC11 
  ZCCHC12 
  ZCCHC13 
  ZCCHC3 
  ZCCHC6 
  ZCWPW2 
  ZDHHC14 
  ZDHHC15 
  ZDHHC2 
  ZFP37 
  ZFP90 
  ZFP92 
 206 
  ZFYVE9 
  ZIC3 
  ZIC4 
  ZKSCAN7 
  ZMAT4 
  ZMYND8 
  ZNF202 
  ZNF205 
  ZNF213 
  ZNF263 
  ZNF324 
  ZNF385D 
  ZNF446 
  ZNF462 
  ZNF516 
  ZNF572 
  ZNF618 
 207 
  ZNF644 
  ZNF660 
  ZNF774 
  ZNF800 
  ZNF804A 
  ZNF827 
  ZP2 
  ZWINT 
Table S4. Table of SNP-associated genes under a model of positive selection. For SNPs found in 
coding regions, the gene was determined and for SNPs found in non-coding regions, the genes 



























Figure S1. 16S rRNA alpha rarefaction plot. An alpha rarefaction plot indicated no increase in 
the number of observed bacterial OTUs with increased sequencing depth for all but two samples 





Figure S2. ITS alpha rarefaction plot. An alpha rarefaction plot indicated no increase in the 
number of observed fungal OTUs with increased sequencing depth for all samples when rarefied 









Figure S3. Bacterial beta-diversity analyses between Pd-negative Eptesicus fuscus, Myotis 
lucifugus, and Perimyotis subflavus. Jaccard distance matrices showed that when measuring 
bacterial species presence and absence E. fuscus and P. subflavus were the most similar in 
bacterial community composition (p = 0.19), while P. subflavus and M. lucifugus were the most 





Figure S4. Bacterial principal coordinate plots between Pd-negative Eptesicus fuscus (light blue 
dots), Myotis lucifugus (green dots), and Perimyotis subflavus (dark blue dots). Points represent 









Figure S5. Fungal beta-diversity analyses between Pd-negative Eptesicus fuscus, Myotis. 
lucifugus, and Perimyotis subflavus. Jaccard distance matrices for fungal community 
dissimilarity showed high levels of fungal community of dissimilarity between all three species 
(E. fuscus and M. lucifugus, p = 0.001; E. fuscus and P. subflavus, p = 0.001; M. lucifugus and P. 




Figure S6. Fungal principal coordinate plots between Pd-negative Eptesicus fuscus (light blue 
dots), Myotis. Lucifugus (green dots), and Perimyotis subflavus (dark blue dots). Points represent 



















Figure S9. The effect of Pd load on Shannon diversity in Myotis lucifugus. Results indicate that 






Figure S10. Bacterial differential abundance between bat and substrate samples. Bacterial 
diversity was significantly higher on substrates than on bats with 17 abundant bacterial families 
represented in the combined substrate samples and only four abundant bacterial families 








Figure S11. Principal component analysis results for all M. septentrionalis individuals. The first 
iteration of clustering analyses indicated population structure within the set of 152 individuals, 
with those from Alberta and British Columbia differentiated from all other sites. Points represent 






















Figure S15. Wnt signaling pathway (from PANTHER).  
 
